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ABSTRACT

Katona, Leon R. PhD., Environmental Sciences PhD Program, Wright State University,
2021. Diversity and function of algal biofilms in the Laurentian Great Lakes.

Attached algae are ubiquitous components of lake benthic habitats wherever
sufficient light reaches submerged surfaces. Attached algae interact with heterotrophic
bacteria and fungi to form complex biofilms (“periphyton”) that provide a nutritious food
source for consumers and influence biogeochemical cycling by regulating redox potential
at the sediment-water interface. Despite their ecological importance, there are limited
data on the role of periphyton in the Laurentian Great Lakes. I quantified wave exposure
and light availability in rocky nearshore habitats in Lake Erie and Lake Huron.
Periphyton biomass and productivity in nearshore Lake Erie was very high while algal
biomass and productivity in Lake Huron were uniformly low irrespective of depth.
Regression modeling demonstrated that wave disturbance and light availability control
periphyton biomass and productivity in nearshore areas of the Great Lakes. To better
understand how attached algal diversity and abundance vary with depth and substrate, I
measured the biomass and composition of sediment algae and periphyton growing on
Dreissena across broad depth gradients in Lake Ontario and Lake Erie. Sediment and
mussel shell algal biomass were greatest around 20 m and declined with depth. Algal
iii

photosynthesis on sediments and mussels declined with depth down to approximately 40
m in both lakes. I found that sediments from both lakes were dominated by benthic
diatoms and settled phytoplankton. In contrast, mussel shells harbored diverse
filamentous algal assemblages. I analyzed the stable isotope signatures of Dreissena
tissue and biofilms collected in Lake Ontario and Lake Erie, discovering enrichment of
nitrogen isotopic signatures in both organisms with depth. DNA metabarcoding data from
Lake Erie revealed that Dreissena biofilms harbor greater abundances of putative
nitrifying and denitrifying bacteria than surrounding sediments, suggesting that Dreissena
may be hotspots for nitrogen cycling in the Great Lakes. This work provides the first
spatially extensive surveys of periphyton in the Great Lakes and reveals the composition,
distribution, and function of these ecologically important assemblages. By encompassing
perspectives on periphyton function and diversity from small to broad scales and across
different physical conditions, this work is a critical step in understanding the role of
periphyton in the Great Lakes.
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Chapter One: Introduction
The Laurentian Great Lakes contain approximately 20% of all surface freshwater
on the planet (Herdendorf 1990, Gronewold et al. 2013), support diverse species
assemblages (Vadeboncoeur et al. 2011) and provides immeasurable ecosystem services
(Steinman et al. 2017). Over 40 million people reside in the Great Lakes watershed and
use the lakes for transportation, potable water and commercial and recreational fisheries.
Humans typically interact with the coastal areas of lakes, and nearshore areas throughout
the Laurentian Great Lakes are highly modified. Even so, information on Great Lakes
littoral benthic diversity and processes is minimal compared to our knowledge of open
water habitats. Great Lakes zoobenthos are frequently studied, but there is little
information on algae growing within the euphotic zone beyond investigations of nuisance
filamentous species, such as Cladophora glomerata. A comparatively small amount of
research has focused on the functional importance of the microalgae that grow on
surfaces throughout the littoral zone. Attached algae grow in taxonomically diverse,
three-dimensional biofilms with heterotrophic bacteria and fungi (“periphyton”).
Periphyton is a concentrated and nutritious food for consumers and algae regulate
biogeochemical cycling by oxygenating the benthos and water column via
photosynthesis. Despite this, there are very few studies on the functional role of
periphyton in the Laurentian Great Lakes.

1

Aquatic biofilms
The term periphyton refers to biofilms which, in consequence of growing in
illuminated aquatic environments (river beds and lake littoral zones), are dominated by
photoautotrophic microorganisms. “Algae” are non-vascular organisms that contain
chlorophyll a but lack multicellular gamete-producing organs. This term groups
microorganisms from disparate phylogenetic origins that fill a similar functional niche as
primary producers in aquatic environments. Microorganisms from the phylum
Chlorophyta (green algae) and class Bacillariophyceae (diatoms) are common members
of aquatic biofilms. Cyanobacteria are prokaryotic microbes and are common
constituents of aquatic biofilms. For simplicity, I will treat “algae” as a functional, as
opposed to taxonomic, category and will include cyanobacteria within it.
Attached algal taxa vary in their nutrient, light and substrate requirements. Green
algae typically have narrow temperature and light optima and require plentiful inorganic
nutrients (Tilman et al. 1982). Single celled and colonial green algae are common in
biofilms, but rarely dominant. Filamentous forms dominate biofilms only in high light
and primarily in hard substrate environments (John and Rindi 2015). Diatoms can
efficiently convert light energy into biomass in fluctuating light environments (Wagner et
al. 2006). Light use efficiency varies by species (Lavaud et al. 2007) but diatoms
generally dominate low-light benthic environments (Stevenson and Stoermer 1981,
Poulíčková et al. 2008), suggesting highly competitive photophysiology. Many diatoms
are capable of locomotion and are positively phototactic, moving within sediments or
biofilms to reach an optimal light environment (Consalvey et al. 2004, Ezequiel et al.
2015). Most diatom species are single cells, but some taxa form small colonies or
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filaments. Cyanobacteria are genetically and morphologically diverse, with over 60
unicellular or colonial genera and over 100 filamentous genera (Komárek and Johansen
2015a, 2015b), many of which form biofilms. Some cyanobacteria have high nutrient
demands and are common in eutrophic systems (Dokulil and Teubner 2000, Ferber et al.
2004, Yamamoto and Nakahara 2005, Diehl et al. 2018). Others can fix atmospheric
nitrogen (Van der Grinten et al. 2004) and are common in low nutrient environments.
Cyanobacteria possess phycobilisome proteins and specialized accessory pigments for
harvesting both high- and low-wavelength light (Grossman et al. 2001).
Physical-chemical constraints on periphytic algae
Benthic algae form biofilms on submerged wood (epixylon), rocks (epilithon),
sand (epipsammon), sediment (epipelon), animals (epizoon) or plants and macroalgae
(epiphyton) wherever light is sufficient. The substrate that benthic algae live on
influences their response to environmental factors (Vadeboncoeur et al. 2006). Epipelon
can stabilize and oxygenate the sediments, altering the exchange of nutrients from the
sediments to the water column (Woodruff et al. 1999). Epiphytic algal growth on plants
or other algae limits light availability but may also protect their hosts from very high
irradiance (Dodds 1991). Epiphytes are often densely aggregated and nutritious, which
make them sought after by consumers (Dodds 1991, Dudley 1992, Furey et al. 2012). The
availability of rocks for colonization can be the main factor limiting the growth of
filamentous algae, such as Cladophora glomerata (Higgins et al. 2008). Benthic algae
living on natural nutrient-diffusing substrata (epizoon, epiphyton or epipelon) are more
likely to have optimal nutrient stoichiometry (Kahlert and Pettersson 2002), which
benefits algae and their consumers.
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Physical disturbance limits the accumulation of attached algae on hard substrata
and can disrupt and bury sediment-associated microorganisms. Wave exposure reduces
periphyton production and standing stocks due to sheering, abrasion, and substrate
disturbance (Cattaneo 1990, Cyr 1998, Biggs et al. 1999, Forehead and Thompson 2010).
Nearshore areas in large lakes experience substrate resuspension by orbitals of incoming
waves, dissipation of breaking wave energy, and subsequent mass movement of sediment
by rip currents and longshore currents (Rao and Schwab 2007). Abiotic stressors, such as
wave exposure, directly affect the ability of periphyton to use resources either because of
physical removal of cells or due to disruption of metabolic processes (Stevenson 1997).
Light adequate for photosynthesis only penetrates to 2 – 4 mm into sediments, limiting
photosynthesis of periphyton to the surficial layer of sediment (Kiih and Jorgensen 1994),
which is most affected by wave action (Cyr 1998, Francoeur and Biggs 2006). Therefore,
wave exposure controls epipelic and epipsammic algal light acquisition capacity and this
in turn controls productivity and dictates community composition.
Typically, aquatic primary producers are limited by the availability of nitrogen,
phosphorus or both of these nutrients (Elser et al. 2007, Harpole et al. 2011). The nutrient
content of benthic algae can vary widely (Kahlert et al. 2002). The optimal molar ratio of
C:N:P for benthic algae is typically near119:17:1 (Hillebrand and Sommer 1999), similar
to the Redfield Ratio (106:16:1) that is optimal for phytoplankton (Quigg et al. 2003,
Klausmeier et al. 2008).
Nutrient concentrations change with depth and are influenced by mixing and
stratification. Attached algae can obtain inorganic nutrients from the water column and
from their substrate (Lu et al. 2016). Sediment-associated nutrients may be taken up
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directly by benthic algae (Hansson 1988, Webster et al. 2003, DeNicola et al. 2006) and
can be released from sediments under anoxic conditions (Woodruff et al. 1999, Dodds
2003). Likewise, algae attached to living organisms can acquire labile nutrients excreted
by their hosts (Kahlert and Pettersson 2002). Boundary layers that surround benthic
biofilms decrease the diffusion rate of inorganic nutrients into the biofilm (Riber and
Wetzel 1987, France 1995), presenting a unique limiting factor for benthic algal nutrient
acquisition.
Benthic primary productivity in lakes and rivers tends to be strongly limited by
light availability (Boston and Hill 1991, Dodds et al. 1999, Vadeboncoeur et al. 2001,
Karlsson et al. 2009). Excessive light can lead to photooxidation and damage to algal
cells. Although some algae are capable of producing molecules that act as
photoprotectants (Garcia‐Pichel and Castenholz 1991, Dillon and Castenholz 1999),
algae without protection will not grow in areas with harmful amounts of light radiation,
such as very shallow waters on the shores of lakes.
Low light availability will slow algal growth. Many algae, such as diatoms and
cyanobacteria, are incredibly efficient at using light energy and are capable of
photosynthesis at very low levels of irradiance (< 1% surface irradiance; Middelboe and
Markager 1997). Light-limited benthic algae often increase cellular chlorophyll content
to intercept limited light (Falkowski 1980, Thompson 1999). Accessory pigments that use
low-wavelength light can assist light-limited algae access enough energy for
photosynthesis. Even in well-lit areas, biofilm algae can be light limited due to selfshading of algae deep in the biofilm by algae embedded near the biofilm surface (Boston
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and Hill 1991). Biofilms will persist in areas that balance the influence of physical
disturbance, harmful UV radiation and adequate light availability for photosynthesis.

Biological interactions within periphyton
Although algae have been the primary focus of periphyton research in lakes (Loeb
and Reuter 1981, Blum 1982, Roberts and Boylen 1988), non-photosynthetic microbial
organisms always grow in close association with the algae and influence carbon, nitrogen
and phosphorus fluxes within biofilms. Heterotrophic bacteria obtain carbon from
organic compounds and sequester inorganic nutrients. Thus, bacteria can rely on algae for
labile carbon resources, while simultaneously competing for nutrients. Bacteria have
different metabolic pathways and are divided into chemoheterotrophs and
photoheterotrophs. Chemoheterotrophs obtain both carbon and energy from organic
compounds while photoheterotrophs obtain carbon from organic compounds but gain
energy by harvesting light. Many chemoheterotrophs have generalist metabolisms and
can use a variety of organic compounds and methods of energy acquisition, such as
oxidation or fermentation. Photoheterotrophs, such as purple sulfur bacteria, require very
low oxygen environments, so are associated with anoxic sediments or deep layers of
microbial biofilms (Martínez-Alonso et al. 2005).
There are often abundant sources of organic matter in aquatic environments, so
bacteria are rarely carbon limited. However, carbohydrates produced by algae are
typically more labile than allochthonous sources, like leaf litter. Bacteria preferentially
and rapidly consume algal carbon (Findlay et al. 1986, Bertilsson and Jones 2003). In
biofilms, polymers excreted by algae are often abundant and in close proximity to
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bacteria (Romaní et al. 2006, Halvorson et al. 2019). When carbon or inorganic nutrient
sources are scarce, bacteria can use extracellular enzymes to break down recalcitrant
materials in the biofilm (Wood et al. 2015) or external environment (Sinsabaugh and
Follstad Shah 2012).
Biofilm bacteria interact with algae based on metabolic needs. Bacteria may
compete with algae because both need inorganic nutrients for growth (Grover 2000,
Havskum et al. 2003, Liu et al. 2012). Bacteria are the competitively dominant organisms
in these interactions (Currie and Kalff 1984, Bratbak and Thingstad 1985). Mutualistic
interactions primarily involve the exchange of algal-derived fixed carbon and inorganic
nutrients or minerals cycled by bacteria (Amin et al. 2012, Cooper and Smith 2015).
Models illustrate that indirect mutualism occurs among algae and bacteria when carbon is
limiting to bacteria (Daufresne and Loreau 2001).
Attached algae and nearshore function in large lakes
Littoral zones are biologically diverse (Vadeboncoeur et al. 2011) and carbon
fixed in the littoral zone provides energy to upper trophic levels (Vadeboncoeur et al.
2002, Stoffels et al. 2005). Littoral zones are often areas of high human impact (housing,
recreation) and ultimately receive high levels of nonpoint source anthropogenic pollution.
Most research on lake primary productivity has focused on pelagic algae (Vadeboncoeur
et al. 2002), though benthic photosynthesis is a significant source of fixed energy that is
transferred to higher trophic levels by consumption of algae (Hecky and Hesslein 1995,
Sierszen et al. 2004). Benthic algal biomass and productivity can be greater than
phytoplankton production in lake littoral waters (Vadeboncoeur et al. 2003), and benthic
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algae can contribute substantially to whole-lake autochthonous production, especially in
deep oligotrophic lakes (Vadeboncoeur et al. 2008).

Despite their ecological importance, there are limited data on the role of
periphyton in the Laurentian Great Lakes. Recent studies have argued that periphyton
represent a large fraction of the Great Lakes’ total primary production (Brothers et al.
2016) and can play an important functional role in the water quality of Lake Erie
(Brothers et al., 2017), but these studies are based primarily on modeling of productivity
rates, rather than in-lake measurements. I will expand our current understanding of the
distribution, abundance and function of periphyton in the Great Lakes by addressing three
broad questions: 1) How do light and physical disturbance (wind-generated waves) affect
the distribution of biomass and productivity of attached algae in the Laurentian Great
Lakes? 2) How do patterns in stable isotopic signatures vary with depth among algal
biofilms and primary consumers in Lake Erie and Lake Ontario? And 3) How does
benthic bacterial and algal diversity vary with depth on unconsolidated sediments and
dreissenid mussel shells?

This work will provide the first spatially extensive surveys of periphyton in the
Laurentian Great Lakes and reveal the composition, distribution and function of these
overlooked, yet ecologically important, assemblages. Comparisons of algae on sediments
and mussel shells will provide insight on how invasive mussels change the composition
of benthic algae. Metabarcoding data from Lake Erie will reveal which species comprise
the microorganismal community in the lake and is the first study to investigate benthic
prokaryotes and eukaryotes simultaneously over a broad spatial scale. My exploration of
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sediment and epizooic biofilm and Dreissena mussel isotopes with depth provides a new
perspective on both isotope dynamics and nutrient cycling in the Great Lakes. By
integrating perspectives on periphyton function and diversity from small (biofilm) to
broad (lake-wide) scales and across different physical conditions, this work is a critical
step in understanding the role of periphyton in the Laurentian Great Lakes.
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Chapter 2: Light availability and wave disturbance determine nearshore epilithic
algal biomass and productivity in Lake Erie and Lake Huron

Introduction
Nearshore and wetland habitats support the majority of Laurentian Great Lakes
(LGL) biodiversity, are critical nursery habitats for fish, and are substantially degraded
by habitat modification and agricultural pollution (Vadeboncoeur et al. 2011, Sierszen et
al. 2014, Cooper et al. 2015). Littoral benthic algae (periphyton) support secondary
production in nearshore habitats (Sierszen et al. 2006, 2014), but we have little
understanding of how productivity varies spatially in the LGL. Area-specific benthic
algal production can exceed that of phytoplankton in the overlying water in nearshore
habitats (Malkin et al. 2010, Althouse et al. 2014), but the contribution of attached algae
to whole-lake metabolism in the LGL is poorly constrained (Brothers et al. 2016). Our
ignorance of the functional role of benthic algae in nearshore habitats is compounded by
the persistent, often irreversible changes, occurring in the lakes. Invasive dreissenid
mussels have increased light and nutrient availability for attached algae (Hecky et al.
2004), while the proliferation of invasive round gobies has most likely reduced grazing
pressure and increased disturbance on attached algal assemblages (DeVanna et al. 2013).
Despite evidence of substantial contributions of attached algae to LGL food webs
(Sierszen et al. 2006), and the increasing occurrence of nuisance proliferations (Higgins
et al. 2008, Hudon et al. 2014), our understanding of determinants of attached algal
production and biomass accumulation in the LGL remains rudimentary. Of the five lakes,
17

Lake Erie and Lake Huron have the most extensive littoral zones (37% and 29% of total
surface area, respectively; Vadeboncoeur et al. 2011), but the two lakes differ markedly
in light and nutrient profiles. Here, we assess abiotic determinants of spatiotemporal
variation in attached algal biomass and productivity in the rocky eulittoral (wave-washed
habitat influenced by water level fluctuations) habitats of these two lakes.
Breaking waves and winter ice limit the accumulation of benthic algae on hard
substrata and disrupt and bury sediment-associated microorganisms. Conceptual models
of depth distribution of benthic algae are strongly informed by data from small lakes that
lack the wave energy and erosional forces that shape the shoreline habitat of the
Laurentian Great Lakes (Wetzel 2001, Vadeboncoeur et al. 2014). Treatment of the
influence of physical disturbance on the distribution of attached algal biomass in large
lakes is largely descriptive and based on a relatively few data (Hawes and Smith 1994,
Vadeboncoeur et al. 2014). In large lakes, nearshore areas experience substrate
resuspension by incoming waves, dissipation of breaking wave energy, and mass
movement of sediment by rip currents and longshore currents (Rao and Schwab 2007).
Wave exposure can reduce attached algal production and biomass through sheering,
abrasion, and substrate disturbance (Cattaneo 1990, Cyr 1998, Biggs et al. 1999,
Forehead and Thompson 2010). The Laurentian Great Lakes are infamous for the
strength and severity of their storms, but shorelines vary both in exposure to prevailing
winds and in substrate composition.
Light strongly limits photosynthetic rates of benthic algae, resulting in declines in
primary productivity with depth (Karlsson et al. 2009, Malkin et al. 2010, Vadeboncoeur
et al. 2014) and changes in species composition (Cantonati and Lowe 2014). The rate of
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light attenuation by the water column (kd) determines the distribution of benthic algal
biomass and productivity with depth (Vadeboncoeur et al. 2001). In the Laurentian Great
Lakes, spatio-temporal variation in light attenuation rates is strongly correlated with
phytoplankton biomass (chlorophyll a), which in turn affects benthic primary production
(Brothers et al. 2016). Benthic algal taxonomic composition is also affected by light
availability. Attached filamentous green algae, like Cladophora glomerata, require ample
light and are most abundant in the upper littoral zone (Higgins et al. 2005, Cantonati and
Lowe 2014), while filamentous cyanobacteria, such as Microseira (formerly Lyngbya)
wollei, are more tolerant of low light. Stalked and adnate diatom taxa are abundant in
higher light habitats, while motile, gliding species occur throughout the photic zone.
Although Lake Erie is the shallowest of the Laurentian Great Lakes, surprisingly little of
the habitat is suitable for benthic algae because seasonal, dense phytoplankton blooms in
the Western Basin (kd ~ 1.3) and the high suspended material in the Central Basin (kd ~
0.5) rapidly attenuate light (Brothers et al. 2016). Thus, it is the Eastern Basin, which has
highest water clarity (kd ~0.3), that suffers from nuisance outbreaks of attached algae
such as Cladophora glomerata, although localized proliferations of Cladophora occur in
shallow, protected areas in the Western and Central basins. Lake Huron is clearer (kd ~
0.15), and phytoplankton chlorophyll concentrations in the two lakes mean that light
availability is much higher in Lake Huron than at similar depths in Lake Erie.
Phosphorus (P) and nitrogen (N) are crucial to algal growth (Elser et al. 2007,
Harpole et al. 2011), but the relationship between water column nutrients and attached
algal growth is complicated by nutrient cycling at the sediment-water interface, nutrient
recycling within dense biofilms, and the negative influence of shading by phytoplankton
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(Vadeboncoeur et al. 2008). Management plans prioritize P to control phytoplankton, but
benthic algae in the LGL are often N-limited or co-limited by N and P (Cooper et al.
2015), and are thus inappropriate for benthic algae. Despite implementation of some
management practices (Wilson et al. 2019), high anthropogenic nutrient loading to Lake
Erie leads to recurrent summer phytoplankton blooms in the Western Basin (Michalak et
al. 2013, Chaffin et al. 2013) that severely reduces light penetration to the lake bottom
and limits benthic algal growth, while the Eastern Basin, with much lower nutrient
concentrations, experiences attached algal blooms in rocky nearshore areas (Davies and
Hecky 2005).
In this paper, we measured the biomass and productivity of benthic algae on
cobbles in the wave-influenced erosional zones of Lake Erie and Lake Huron. Our goal
was to determine how light availability and wave disturbance interact to determine
attached algal biomass and photosynthesis in the Laurentian Great Lakes and to measure
the variability in attached algal biomass across physicochemical gradients. We tested
three hypotheses: 1) Attached algal biomass (measured as chlorophyll a or ash free dry
mass) will be greatest at depths below the surf zone (< 2 m) and will be negatively
correlated with wave action, 2) Where light is sufficient, attached algal productivity will
be greatest at depths beyond the zone of wave disturbance, and 3) Lake Huron and Lake
Erie algal biofilms will be functionally different due to differences in abiotic factors
(light and nutrient availability, wave action) in the nearshore zones of these large lakes.
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Materials and Methods
Study sites
We measured primary production of epilithic biofilms at five sites in Lake Erie
(2016, 2017) and five sites around the Bruce Peninsula in Lake Huron (2016) during the
summer months (Figure 2.1). We selected sites based on substrate and exposure to wave
action. Four of the Lake Erie sites were located around the Bass Islands in the Western
Basin: two sites in sheltered bays and two on exposed points. The benthic substrate at
Western Basin sites was loose cobble to a depth of 5 m with mud and sediments
thereafter. The fifth Lake Erie site was in the Eastern Basin on a shallow offshore reef
near Dunkirk, New York, USA. The substrate at the Eastern Basin site was composed of
loose cobbles and coarse sediment over bedrock.
We sampled three sites in Georgian Bay and two shallow inlets on the eastern
shore of Lake Huron. Georgian Bay sites were on the rocky shelf of the Niagara
Escarpment and had steep slopes. Bottom substrate consisted of loose cobble and
boulders to a depth of 8 m with coarse sand thereafter. The two sites in eastern Lake
Huron were in shallow (< 2 m), low gradient bays that were sheltered from wind and
wave action by sand spits, and contained a mix of soft sediment and loose cobble
substrate.
We collected surface water for chlorophyll (n = 2 or 3 per site and sample event)
and total phosphorus (TP; n = 3). We filtered chlorophyll samples using PALL A/E (1
µm pore size; 47 mm) glass fiber filters and stored at -20°C until analysis. TP samples
were unfiltered and stored frozen at -20°C until analysis. We determined water column
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chlorophyll by extracting the sample filters in 90% buffered ethanol at 4°C for 24 h.
Chlorophyll was analyzed on a Shimadzu UV-VIS 1800 spectrophotometer (Shimadzu,
Kyoto, Japan) before and after an acidification step (Arar, 1997). We analyzed TP from
the water column using the acid molybdate method (Stainton et al., 1977).
We collected light profiles at 1 m depth intervals at each site in Lake Erie using a
LiCor (Lincoln, Nebraska) underwater cosine PAR sensor paired with a surface sensor.
Light measurements were used to calculate the light attenuation coefficient, kd for each
sampling event. Light profiles for Lake Huron were estimated from the literature
(Dobiesz and Lester 2009).
Wave exposure
We calculated a wave exposure index for each site using data from the NOAA
National Buoy Data Center (www.ndbc.noaa.gov). We used wind data from Station
SBIO1 (South Bass Island, Ohio), Station DBLN6 (Dunkirk, New York), Station 45003
(North Huron) and Station 45143 (South Georgian Bay) for sites in the Western Basin of
Lake Erie, the Eastern Basin of Lake Erie, Lake Huron and Georgian Bay, respectively.
We measured the distance to the nearest emergent landmass from each sampling site in
km for each half-wind direction (each 22.5° increment) using QGIS (v.2.16.1). Effective
fetch was calculated for each site by summing the direct fetch multiplied by the absolute
value of the cosine of the angle of wind direction (sensu Håkanson and Jansson 1983;
Formula 1).
Fi=∑(yn×cos(xi))

Formula 1

where Fi is effective fetch, yn is direct fetch and xi is the angle of departure from
the ith compass direction in 22.5° increments. We then used Fi, wind data from buoys, and
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depth to compute a depth-integrated index of wave exposure following Barton and Carter
(1982):
E=log(1+ Fi×w×z-2)

Formula 2

where E is exposure, w is the proportion of time that wind blew toward the site,
and z is depth in meters.
Algal Biomass
SCUBA divers collected fist-sized cobbles (n = 4 – 5 per site and depth) with
epilithic biofilms at 0.5 or 1 m depth intervals along transects oriented perpendicular to
shore. Samples were taken to shore and kept in coolers for < 1 h before productivity
incubations. After primary productivity and PAM fluorometry (see below), we scrubbed
quantitative samples of biofilm from each cobble for analysis of chlorophyll a, particulate
phosphorus and ash free dry mass (AFDM). We froze, freeze-dried and ground biofilm
samples to a fine powder and subsampled them for multiple analyses. Chlorophyll a
content of the biofilm was determined by extracting a 2 – 10 mg subsample of freezedried biofilm in 90% buffered ethanol at 4°C for 24 hr. We measured chlorophyll a
fluorometrically with an acidification step (Arar and Collins 1997) on a Turner Designs
Aquafluor Handheld fluorometer (Turner Designs, San Jose, USA). We measured biofilm
phosphorus content by combusting a 2 – 10 mg sample at 500°C for 1 h. We digested
samples in hot HCl for 2 h and assayed using the molybdate blue method (Stainton et al.
1977). We determined AFDM by weighing out a subsample of freeze-dried material,
combusting at 500°C for 1 h and reweighing the sample (American Public Health
Association 1980).
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Algal productivity on rocks
We estimated benthic algal productivity using oxygen exchange methods and
Pulse-Amplitude Modulated (PAM) fluorometry. SCUBA divers collected cobbles with
epilithic biofilms at 0.5 or 1 m depth intervals along transects (see above). Upon return to
shore, we incubated the cobbles on the lake shore in full sunlight between 0900 – 1500 h
to estimate maximum area-specific photosynthesis rates (PMAX) by calculating bulk
oxygen exchange (Vadeboncoeur et al., 2014). Each cobble was placed in a clear acrylic
chamber (500 mL Nalgene ® wide mouth polycarbonate jars in 2016 or 20 cm x 13.7 cm
x 8.6 cm Rubbermaid Brilliance® containers in 2017) and the chambers were submerged
in a lake-side incubation tank containing filtered (45 µm) lake water. We recorded the
initial dissolved oxygen concentration using a YSI ProODO dissolved oxygen probe
(Yellow Springs Instruments, Yellow Springs, USA). We incubated sealed chambers in
natural sunlight for up to 20 min and then recorded a final dissolved oxygen
measurement. Incubation were terminated before any air bubbles formed. We measured
the change of oxygen in the dark (respiration) by repeating the steps of the light
incubation after covering the incubation tanks in two layers of opaque tarp to exclude
ambient light. Dark incubations lasted approximately 2 h. We controlled the incubation
temperature by replacing the water in the lakeside incubation tanks. For Lake Huron
incubations, 30% of the tank water was replaced with lake water every 10 min throughout
the incubations. For Lake Erie incubations, we continuously pumped lake water through
the incubation tanks.
We used a submersible fluorometer (Diving PAM, Walz, Effeltrich, Germany) to
quantify epilithic algal responses to light. We measured photosynthesis-irradiance (PE)
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relationships in situ along depth transects at three sites in Lake Huron. We also measured
ex situ light curves on all cobbles immediately after chamber incubations. Rapid light
curves (RLCs; Serôdio et al. 2005, Devlin et al. 2016) were used to characterize
photosynthesis-light (PE) relationships at 9 discrete light intensities between 0 – 2500
µmol m-2 s-1. We placed the fiber optic cable of the PAM 4 mm above the epilithic
biofilm and exposed the biofilm to each light intensity for 20 s. RLCs with exposure
increments less than 30 s are the accepted protocol for assessing photophysiology of
sediment biofilm communities (Perkins et al. 2010). The range of light intensities was
lowered for biofilms collected from low-light (deep) environments or for biofilms that
were very thin. We changed light intensities to collect PE data in the light-limited region
of PE curves so that photoinhibition was only evident at the highest light intensity
because we prioritized getting a precise measurement of , which is a measurement of
light use efficiency at limiting light intensities.
The PAM measures relative electron transport rate (rETR) of photosystem II.
rETR units are arbitrary but are an index of primary productivity. We fit PE data to the
hyperbolic-tangent function (Jassby and Platt 1976) to estimate photosynthetic efficiency
(α) and maximum ETR (ETRMAX). We divided the estimated ETR by α to determine light
at the onset of photosaturation (Ek) for each epilithic sample.
Primary productivity and respiration

We calculated the illuminated surface area of each cobble using the aluminum foil
method (Steinman et al. 2017). Net ecosystem production (NEP), (GPP – ER, or the
change in dissolved oxygen in an illuminated environment) was calculated from the light
chamber incubations:
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𝑚𝑔𝐶

𝑁𝐸𝑃 ( 𝑚2 ℎ ) = 0.3125

∆𝑂2
𝑡

Eq. 1

Where O2 is the total change in oxygen, in mg, during the incubation, t is incubation
time in hours, and 0.3125 is a constant that accounts for the atomic mass of oxygen and
carbon and assumes a photosynthetic quotient 1.2 mole O2 released per mole C fixed.
Community Respiration (CR) was calculated from the dark chamber incubations as:
𝑚𝑔𝐶

𝐶𝑅 ( 𝑚2 ℎ ) = 0.31875

∆𝑂2
𝑡

Eq. 2

Where 0.31875 assumes a respiratory quotient of 0.85 mole CO2 released per mole O2
consumed. Gross primary productivity (GPP; mg C m-2 hr-1) was estimated by adding
respiration rates calculated from dark incubations to the net primary productivity
measured in the light. We determined biomass-specific productivity (mg C mg
chlorophyll-1 hr-1) by dividing GPP (mg C m-2 hr-1) by chlorophyll a (mg m-2) for each
cobble.
We used Ek from PAM measurements and GPP from chamber incubations to
calculate primary productivity at specific depths in each lake (PPrz; Devlin et al., 2016).
We converted sampling depth to percent surface light using kd from both lakes and each
sampling period. We used the hyperbolic tangent equation (Jassby and Platt 1976) to
estimate primary productivity by combining cobble GPP measurements, Ek and kd:
PPrz=PMAXz tanh Ez/Ekz

Formula 2

where PMAXz is the maximum rate of primary productivity from cobble
incubations at depth z, Ez is the light intensity at depth z and Ek is the light intensity at the
onset of saturation from PAM measurements on cobbles collected from depth z.
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Ecoenzyme analysis
We analyzed eco-enzyme activity of the nutrient-acquiring enzymes phosphatase
(PHOS) and leucine aminopeptidase (LAMP) for a subset of Lake Erie and Lake Huron
biofilm samples. The PHOS∶LAMP enzyme activity ratio shifts in response to metabolic
limitation by the availability of inorganic P or N and can be used as an index for biofilm
nutrient limitation (Sinsabaugh and Follstad Shah 2012, Hill et al. 2012). Frozen
periphyton samples were thawed and diluted to ~ 35 mL with filtered (1 µm) lake water
from the sample site. Samples were homogenized using a mortar and pestle until uniform.
We quantified eco-enzymes fluorometrically in 96-well black polystyrene microplates
(300 μL capacity) wells using methylumbelliferone (MUB)-linked (for PHOS) and
leucine 7-amido-4-methylcoumarin (for LAMP) model substrates. Samples were
measured using an emission wavelength of 455 nm and an excitation wavelength of 365
nm (Smucker et al. 2009).
Stable isotope analysis
We analyzed a subset of Lake Erie and Lake Huron epilithic biofilms for their
stable isotopic signatures of carbon and nitrogen. In the laboratory, algal biofilms were
frozen, freeze-dried (VirTis Model 6K, Gardiner, NY, U.S.A) and ground to a fine
powder using a mortar and pestle. Site replicates (n = 3 – 5) were composited by adding a
1 – 5 mg subsample (depending on remaining mass) of each homogenized replicate to a
new glass vial. Samples were acidified with 1 N HCl to remove carbonates. Acid was
added directly to sediments until fizzing stopped. Ultrapure water was added to rinse the
samples which were then frozen and freeze dried. Acidified and rinsed composites were
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homogenized and 1.5 – 4.0 mg subsamples were packed into tin capsule for stable isotope
analysis.
Samples were analyzed for δ13C and δ15N using a Thermo Delta V isotope ratio
mass spectrometer (Thermo Fisher Scientific Inc., Waltham, MA, U.S.A.) interfaced to a
NC2500 elemental analyzer at the Cornell University Stable Isotope Laboratory. We
analyzed 27 Lake Erie biofilm samples and 12 Lake Huron biofilm samples. Sample
duplicates were run on 3 Lake Erie samples and 2 Lake Huron samples. The analytical
error from samples, expressed as the standard deviation of the stable isotope values of
replicate analyses of reference materials, was 0.04‰ for δ13C and 0.11‰ for δ15N for
biofilms samples (compared to internal plant standard ‘Rice’).
Statistical analyses
We constructed regression models to determine how algal biomass and
productivity vary with light availability and wave exposure. We tested the variation in the
response variable (areal chlorophyll a, AFDM, or GPP) explained by models with light
intensity, depth-integrated wave exposure, light intensity + wave exposure, or the
interaction of light intensity and wave exposure as predictor variables. We included Lake
as a categorical variable in the models and created models with all combinations of
variable interactions. The depth-integrated exposure index we computed based on
geographic location was specific to each site. Therefore, we did not include site as a
random effect in our models. Because we collected data from the same sites on different
dates in Lake Erie, we included day of year (DOY) as a random effect in our models
using the package lme4 (Bates et al. 2014) in the R statistical environment version 4.0.2.
However, the variance explained by DOY was very low (≤ 0.02) for all models,
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indicating that the level of between-group variability was not sufficient to warrant
including DOY was a random effect. We therefore used multiple regression for all
models. We used Akaike’s Information Criterion to eliminate variables and interactions
that were not significant predictors of the dependent variable. We regressed the residuals
of the optimal model on the other environmental variables (water TP and water
chlorophyll a) to determine if those variables explained remaining variability. Because all
variables were included in interaction terms, we were unable to calculate valid measures
of effect size for individual fixed effects. All models were validated for equal variances
by visual inspection of residual plots. We log10-transformed areal chlorophyll a, AFDM,
and gross primary productivity to meet assumptions of normality.
We regressed PAM fluorometer-derived ETR on areal GPP using GLM to
determine the relationship between these metrics for algal photosynthesis. We used a
Welch two-sample t-test to determine if the ratio of PHOS:LAMP was different between
Lake Erie and Lake Huron biofilms. All data were analyzed using R (version 4.0.2).
Results
We measured algal biomass and primary productivity at shallow, wave washed
sites in Lake Huron (4 sites) and Lake Erie (5 sites). Wave exposure was greatest at the
Eastern Basin site in Lake Erie and lowest at sheltered sites in the Lake Erie Western
Basin (Gibraltar Island) and Lake Huron (Stokes Bay; Table 2.1). Aqueous phosphorus
concentrations were highest in the Western Basin of Lake Erie (mean ± se = 13.6 ± 0.26
µg/L) and lowest in Lake Huron (5.0 ± 0.15 µg/L; Table 2.1).
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Algal Biomass
Epilithic chlorophyll a generally increased with depth down to 30% surface light
in Lake Erie. Most rocks had short, visible clumps of Cladophora glomerata and a thin
biofilm of other attached microalgae. Mean chlorophyll a ranged from 6.5 to 157.2 mg
m-2 in June, with greater chlorophyll found on rocks collected from depths > 1 m (Figure
2.2A). In August, mean chlorophyll a was less variable with depth and ranged from 22.3
to 89.5 mg m-2 (Figure 2.2B). Rocks collected from one shallow protected embayment in
Lake Huron were covered in thick biofilms of attached algae (primarily diatoms and
desmid green algae). Mean chlorophyll a (147 ± 21.4 mg m-2, mean ± SE) at this site was
much higher than at other sites sampled in Lake Huron. Deeper sites in Georgian Bay
had rocks with thin (< 1 mm) biofilms along the sampled depth gradients. At these sites,
chlorophyll a was uniformly low and changed little with depth, ranging from 1.5 to 5.8
mg m-2 (Figure 2.2C).
Epilithic chlorophyll a was best predicted by a model that included lake, light
intensity, depth-integrated wave exposure, and a three-way interaction among those
variables (R2 = 0.56, F7,200 = 38.59, p<0.001; Table 2.2). Water column TP or water
column chlorophyll a did not significantly account for residual variability in the initial
chlorophyll model. Lake Erie epilithic chlorophyll a was strongly and negatively related
to depth-integrated exposure, while Lake Huron epilithic chlorophyll a showed little
variation with depth-integrated exposure (Figure 2.3).
Epilithic AFDM closely mirrored patterns of chlorophyll a with depth in both
Lake Erie (Figure 2.4A,B) and Lake Huron (Figure 2.3C). In Lake Erie, AFDM was
slightly greater in June (mean ± SE for all sites = 12.3 ± 1.9 g/m2) than August (7.8 ± 0.6
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g/m2). Lake Huron AFDM was varied more along the sampled depth gradient (15.7 ± 4.0
g/m2) than Lake Erie samples, and one sheltered site had very high biomass (314.0 ± 49.8
g/m2). AFDM was best explained by the three-way interaction among lake, light
intensity, and wave exposure (R2 = 0.57, F7,166=33.8, p<0.001; Table 2.2). Water column
TP or water column chlorophyll a did not explain residual variability in the model.
Biofilm Productivity
Midday areal epilithic primary productivity varied between 26.2 and 213.4 mg C
m-2 hr-1 in Lake Erie in June (Figure 2.5A) and between 24.1 and 124.7 mg C m-2 hr-1 in
August (Figure 2.5B). Productivity was greatest at intermediate depths in both months.
Lower rates of productivity were found at depths ≤ 1 m or > 4 m (Figure 2.5A, B). Lake
Huron epilithic primary productivity was lower than in Lake Erie, ranging from 7.5 to
26.4 mg C m-2 hr-1. Lake Huron epilithic primary productivity generally decreased with
depth (Figure 2.5B).
We sampled Manila Bay, North Bass Island in the Western Basin of Lake Erie in
July 2016, June 2017 and August 2017. This bay is open to westerly winds and had the
greatest calculated exposure of all sites in the Western Basin of Lake Erie (Table 2.1).
Rocks sampled from the deepest depths (3 – 4 m) were dominated by thick tufts of
Cladophora glomerata with attached epiphytes, and thin biofilms of other microalgae
beneath the filamentous algal canopy. Epilithic chlorophyll a and areal epilithic
productivity increased with depth at this site and were greatest in July (411 ± 53.4 mg
chlorophyll a m-2; 150 ± 14.1 mg C m-2 hr-1; Figure 2.6A, B).
Lake Erie epilithic productivity was best predicted by the three-way interaction
among lake, light, and wave exposure (R2 = 0.44, F7,217 = 25.95, p<0.001; Table 2.2).
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Residual variability in this model was not explained by water column TP or water column
chlorophyll a.
Photosynthesis-Irradiance Relationships
Measurements collected with the PAM fluorometer yielded similar patterns with
depth as those from chamber incubations. ETRMAX increased with depth down to 30%
surface light in Lake Erie. Photosynthetic efficiency (α) increased slightly with depth.
Light at the onset of photosaturation (Ek) for Lake Erie biofilms generally decreased with
depth. Measurements of biofilm Ek were lower than the in situ light environment based
on the light attenuation coefficient, indicating that epilithic primary producers
experienced saturating light intensities in our chamber incubations. In Lake Huron,
ETRMAX measurements taken on rocks used in chamber incubations changed little with
depth. Photosynthetic efficiency was similar along the sampled depth gradient. Ek
decreased with depth and was below in situ light levels based on kd. ETRMAX was a
significant predictor of productivity estimates obtained from chamber incubations in Lake
Huron and in Lake Erie (r2 = 0.44, F1,44=36.83, p<0.001; Figure 2.7). There were no
differences in slope between measurements collected in Lake Huron and Lake Erie.
However, the intercepts of measurements from these lakes differed, with Lake Erie
(estimate = 12.43) having greater values GPP and ETR values than Lake Huron (estimate
= 5.18).
Parameters from PAM photosynthesis-irradiance curves collected in situ in Lake
Huron varied from those obtained from samples used in chamber incubations. Patterns of
Ek and α with depth were similar to those obtained from chamber incubations but
ETRMAX was greater and increased with depth in situ. ETRMAX was highly variable at ≤ 1
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m and the relationship of ETRMAX with depth was site-specific, with one transect showing
little variation with depth and the other showing a pronounced increase in ETRMAX with
depth.
Ecoenzyme Activity
Ecoenzyme activity indicated biofilm P limitation (ratio of phosphatase : leucine
amino peptidase > 0.25) in all Lake Huron samples and in 11 of 15 Lake Erie samples
(Figure 2.8). Lake Huron PHOS:LAMP was significantly greater than Lake Erie
PHOS:LAMP (t = -5.61, p < 0.001).
Stable Isotopic Composition
Lake Erie δ13C varied less in June (range: -12.4 – -4.8‰) than in August (range: 19.7 – -2.1‰; Figure 2.9A). The most depleted Lake Erie biofilm δ13C values came from
our Eastern Basin site in August (-19.7 – -17.1‰), while the most enriched δ13C values
came from Manila Bay in August (-2.1‰). Isotopic signatures were similar among sites,
but varied with depth. In general, δ13C in Lake Erie biofilms became enriched by ~3 –
5‰ along the 4 m depth gradient we sampled. These patterns were not always consistent,
however, as some sites saw depletion of δ13C values with increasing depth. Site average
Lake Erie δ15N varied less in June (range: 5.7 – 7.1‰) than in August (range: 5.9 –
8.3‰). Lake Erie biofilm δ15N generally became enriched with depth (Figure 2.9B). The
greatest biofilm δ15N came from biofilms collected from 3 m (9.6‰, near Sugar Island)
and 5 m (9.5‰, near Gibraltar Island) in August. The lowest biofilm δ15N came from
samples in the Eastern Basin.
Biofilms from Lake Huron had more variable stable isotopic signatures than
biofilms from Lake Erie. Lake Huron δ13C varied considerably among sites and showed
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no consistent patterns with depth (Figure 2.10A). Lake Huron δ13C varied between -13.8
and -1.5‰ along the 8 m depth gradient. One of our deep Lake Huron transects (Dyer
Bay) showed increasing δ13C with depth, while the other (Whippoorwill Bay) showed a
unimodal distribution, with more depleted δ13C values at intermediate depths and similar
δ13C values from the shallowest and deepest samples. Lake Huron biofilm δ15N varied
between -0.96 and 1.96‰ along the 8 m depth gradient (Figure 2.10B). Lake Huron
biofilm δ15N showed no consistent patterns with depth. The greatest biofilm δ15N came
from biofilms collected from 0.5 m in a sheltered and exposed site (1.96 and 1.87‰,
from Barrow Bay and Whippoorwill Bay, respectively) and from 5 m (1.66‰) from
Whippoorwill Bay. The lowest biofilm δ15N came from 5 m in Dyer Bay.
Discussion
We measured attached algal biomass and productivity at four nearshore rocky
sites in Lake Huron and Georgian Bay, and five nearshore rocky sites in the Western and
Eastern basins of Lake Erie. These data provide the most spatially extensive
measurements of epilithic algal assemblages in the Great Lakes, and the first
measurements of Lake Huron epilithic algae since the invasion of the lake by dreissenid
mussels. Our data demonstrate that physical disturbance by wave action and light
attenuation in the water column regulate epilithic algae in the Great Lakes. Our
comparisons of PAM fluorometry with traditional methods for measuring epilithic algal
productivity indicate that PAM can be used as a tool to rapidly estimate algal productivity
both in situ and after samples are removed from the environment (i.e., on shore or
shipboard). We emphasize that the depths that were sampled are shallow (≤ 8 m) and
dynamic environments which comprise a small surface area compared to the vast expanse
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of deeper lake bottom, but play a critical role in structuring attached algae in the Great
Lakes.
Nearshore epilithic primary productivity in Lake Erie and Lake Huron
Cobbles submerged in lake littoral zones harbor attached algal biofilms that are
more visible and concentrated than the diffuse biofilms that form on sediments. Epilithic
algae are therefore more likely to be noticed by the public even when the algae have not
reached nuisance levels of accumulation. Even so, very few assessments have considered
epilithic algae in the Great Lakes beyond proliferations of Cladophora glomerata. Field
and laboratory studies have revealed that maximum photosynthesis of Cladophora occurs
at high irradiance (> 600 PAR) and is primarily stimulated by P availability (Higgins et
al. 2006, 2008). Abiotic factors that effect this filamentous green alga may not be
applicable to other biofilm algae, such as cyanobacteria and diatoms, however. There is
little understanding of how non-Cladophora benthic algal biomass or productivity vary
spatially or temporally in the Great Lakes. Our assessment illustrates that epilithic algal
production in shallow nearshore areas of the Great Lakes is structured by light and wave
disturbance, and that nutrient availability likely additionally regulates epilithic algal
accumulation and function.
Our maximum rates of Lake Erie epilithic GPP (> 300 mg C m-2 hr-1) came from
Manila Bay and off Sugar Island, in the Western Basin. The Western Basin has the
greatest light attenuation, so it was surprising that epilithic algal GPP exceeded
measurements made in the clearer Eastern Basin. We saw greater variability in epilithic
GPP sampled from depth transects in the Western Basin than in the Eastern Basin,
however. All our GPP measurements from the Eastern Basin exceed 100 mg C m-2 hr-1,
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while GPP of epilithon from very shallow (0.5 m) and deep (5 m) depth in the Western
Basin were as low as 5 mg C m-2 hr-1. Our maximum GPP estimates are similar to GPP
measured from Cladophora glomerata on hard substrate in the Eastern Basin of Lake
Erie (Davies and Hecky 2005) and northern Lake Ontario (Malkin et al. 2010), which
exceeded 140 mg C m-2 hr-1. We did not complete a thorough taxonomic evaluation of the
epilithic biofilms, but did note that our samples were a mix of adnate diatoms,
cyanobacteria, and green algae and not solely Cladophora glomerata or other filamentous
algae.
Our estimates of Lake Huron GPP were much lower than data from Dyer Bay,
Lake Huron in the late 1980s (Duthie and Jones 1990). Maximum summertime epilithic
primary productivity at 0.5 m in Dyer Bay reached approximately 140 mg C m-2 hr-1 in
1984, while our estimates from 2016 reached only 15 mg C m-2 hr-1 at that depth. The
maximum rates of GPP we measured were approximately 60 mg C m-2 hr-1 at nearby
Stokes Bay. While Duthie and Jones (1990) report high variability in GPP among
biweekly sampling at all depths (range = 20 – 140 mg C m-2 hr-1 at 0.5 m, 10 – 135 mg C
m-2 hr-1 at 6 m), only their lowest estimates are similar to our data from 2016. Sample
handling resulted in sloughing of biofilm from cobbles, which likely added error to our
estimates. Samples were scrubbed for chlorophyll a analysis after GPP measurements
were taken, and chlorophyll a closely matched Duthie and Jones (1990), so the lower
productivity cannot be explained by heterogeneity of algae on cobbles alone. Dreissena
mussels were present at nearly all the sites we sampled in 2016, but we did not measure
GPP from rocks that had attached mussels. It is still likely that invasive mussels are
influencing nutrient availability to epilithic algae in Georgian Bay and limiting primary
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productivity. Our estimates of Lake Huron epilithic GPP were similar to GPP from the
benthos of Saginaw Bay before Dreissena invasion, which ranged from 33 – 96 mg C m-2
hr-1 (Lowe and Pillsbury 1995).
Our C stable isotope data illustrate the effects of light and disturbance on epilithic
algal biofilms. The most enriched δ13C values we measured came from Lake Erie
biofilms below the zone of wave disturbance, where GPP was greatest. Even though GPP
was high (> 100 mg C m-2 hr-1), samples from the Eastern Basin of Lake Erie were more
depleted in 13C than biofilms from the Western Basin, which is likely due to the greater
exposure to waves that Eastern Basin biofilms experienced. Algal biofilms become
enriched in δ13C when photosynthesis is high and CO2 becomes limited (Hill et al. 2008,
Devlin et al. 2013) but disruption of benthic boundary layers by wave turbulence creates
an influx of 12CO2 from the water column. Similarly, the depleted δ13C values from Lake
Huron biofilms likely reflect low GPP and reduction of benthic boundary layers
surrounding cobbles because of heavy wave action.
When values obtained from photosynthesis-irradiance curves are used as proxies
for algal photosynthesis at different light levels, they can estimate measurements to
basin- or lake-wide levels (Vadeboncoeur et al. 2014, Devlin et al. 2016). However,
obtaining photosynthesis-irradiance curves through traditional incubation methods is
time-consuming. The fluorescent properties of chlorophyll provide the intriguing
possibility to quickly obtain photosynthetic information in response to light. If
chlorophyll fluorescence accurately predicts algal physiology, then it can be used as a
rapid survey tool. To our knowledge, our transects in Lake Huron are the first time that a
DIVING PAM fluorometer has been used to collect photosynthesis-irradiance data in situ
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in the Laurentian Great Lakes. PAM has been used to assess photosynthetic competency
of Great Lakes algae (Francoeur 2017) and fluorescence values have been used to
quantify attached algal biomass (Whorley and Francoeur 2013). Given the rapidity and
ease of collecting these data, rapid light curves are a good option for measuring Great
Lakes epilithic algal photosynthesis and light acclimation parameters. We recommend
that future assessments use parameters derived from rapid light curves to supplement
measurements of primary productivity from oxygen exchange or radiotracer
methodology. Modeling benthic algal productivity at the basin or whole-lake level is
possible using these methods, by applying the photosynthetic parameters from PAM to
existing models that use maximum photosynthesis rate (obtained from oxygen or
radiotracer methods) with basin morphometry and light attenuation data (Vadeboncoeur
et al. 2008, Brothers et al. 2016).
Light and wave disturbance structure nearshore epilithic algae
Disturbance by waves directly affects the ability of attached algae to use resources
through physical removal of cells, disruption to metabolic processes, or by disturbing
diffusional gradients that inhibit nutrient delivery (Stevenson 1997). Wave action is a
significant regulator of epilithic and epipelic algal biomass in nearshore marine
environments and small lakes. In nearshore areas of the ocean, where waves and tidal
forces strongly regulate the distribution and abundance of organisms (Denny 2006), wave
action forms three sediment algal function zones: 1) from shoreline to ~ 1.5m where
algae are nearly absent due to physical forcing, 2) areas 1.5 ~ < 4 m that have low algal
biomass and productivity due to continuous wave exposure, and 3) depths > 4 m ~ 14 m,
where wave energy typically dissipates and sediment algal biomass and productivity is
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greatest (Forehead and Thompson 2010). In Lake Tahoe and Lake Tanganyika, low
biomass and productivity at shallow depths was attributed to disturbance by wave action
(Vadeboncoeur et al. 2014). Our epilithic biomass data follow these trends, especially in
Lake Erie, where biomass and productivity were greatest at intermediate depths.
The opposing effects of light availability and disturbance by waves limits
maximum algal biomass and productivity to narrow littoral bands around the perimeters
of the Great Lakes. The positive effects of light availability are offset when strong and
frequent waves disrupt biofilm development. Similarly, the areas below considerable
wave disturbance in these large lakes experience low light availability, especially in
turbid lakes like Lake Erie. We saw the greatest algal biomass and productivity at
intermediate depths (2 – 4 m) in Lake Erie. Beyond 4 m, light attenuation likely limits
algal growth. Our estimates of biomass from shallow depths (< 2 m) in Lake Erie were
similar to epilithic biomass from northern Lake Michigan and Lake Superior (Camilleri
and Ozersky 2019), as well as from nearshore Lake Baikal (Ozersky et al. 2018). We
measured maximum biomass in Western Lake Erie in July (Figure 4A), which is
consistent with peak Cladophora biomass (Higgins et al. 2005, 2008). Our Lake Huron
sites were primarily in high energy environments with large effective fetches (> 25 km).
Our estimates of wave exposure accounted for fetch, the proportion of time that wind was
blowing at a particular site, and depth, but did not account for basin morphometry, which
influence wave height and intensity (Larsen and MacDonald 1993, Cyr 1998, Roberts et
al. 2019). However, our estimates of wave exposure were similar to levels of relative
exposure from timeseries models of wave exposure in the Great Lakes (Mason et al.
2018). More precise measurements of wave action using eddy covariance data (Nikora et
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al. 1997, Larned et al. 2004), could better resolve the relationship between wave action
and algal structure and function in large lakes.
Benthic areas with high light availability and minimal wave disturbance, such as
shallow, protected bays, may thus provide the most hospitable environments for epilithic
algal growth in the Great Lakes. We saw the greatest epilithic algal biomass and
productivity in Lake Huron in a shallow bay (Stokes Bay) that was buffered from wave
action by sand bars. Similarly, samples from less exposed areas in Lake Erie, such as
Gibraltar Island, also had higher GPP and biomass than more exposed sites. These
observations illustrate the positive influence of light, and negative influence of wave
action, on epilithic algae. While the majority of Great Lakes shoreline is exposed to wave
action, protected bays such as Green Bay (Lake Michigan) and Saginaw Bay (Lake
Huron), may provide quiescent environments for epilithic algal growth. However, many
shallow bays in the lower Great Lakes experience periodic phytoplankton blooms, which
limit the positive effects of low disturbance through increased light attenuation.
We were interested in testing the effects of light availability and disturbance on
algal biomass and productivity but other variables, like nutrient availability (Carrick and
Lowe 2007, Vadeboncoeur et al. 2008, Ozersky et al. 2018) and interactions with aquatic
animals (Lowe and Pillsbury 1995, Francoeur et al. 2015, Vadeboncoeur and Power
2017), also contribute to these metrics. It is possible that attached algae in the poor light
climate and mostly protected areas that we sampled in the Western Basin of Lake Erie are
influenced more by biotic factors (grazing by invertebrates or competition among algae)
or inorganic nutrients than light and wave exposure. Thick, Cladophora dominated
assemblages found in the Western and Eastern Basin of Lake Erie could have substantial
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nutrient cycling within the algal biofilm (Dodds et al. 1999, Vadeboncoeur and Steinman
2002), that may further obscure which variables are driving algal biomass and
productivity.
Aside from two sheltered sites, our chlorophyll a measurements from Lake
Huron were uniformly low at all depths. This is consistent with data collected in the same
area in the 1980s, which found thin skins of epilithic algae on cobbles along a 18 m depth
gradient (Duthie and Jones 1990). However, we may have underestimated epilithic
chlorophyll a, due to loss of sample by sloughing as we retrieved the rocks from the lake.
While we took care when collecting samples, the biofilms were loosely attached to their
substrate and flocculant was visible in the zip bags we stored samples in upon inspection.
Even with underestimation, chlorophyll from Lake Huron was comparable to
measurements from the shallow littoral zone of small lakes in Wisconsin and Michigan,
USA (Vadeboncoeur et al. 2003) and large, oligotrophic Lake Taupō (New Zealand;
Hawes and Smith 1994).
Nutrients
The presence of Dreissena on the cobbles we collected likely have profound
effects on the measured attached algal biomass and metabolism. Nearly all samples
collected from depths ≥ 1.5 m in Lake Erie had Dreissena mussels interspersed with the
algal mat on the cobbles. Dreissena release inorganic nitrogen and phosphorus (Arnott
and Vanni 1996) that stimulate local attached algal biomass and productivity (Lowe and
Pillsbury 1995, Stewart et al. 1998, Francoeur et al. 2015, 2017). Western Basin sites
near Gibraltar Island and Sugar Island were covered with abundant mussels and long
strands of filamentous green algae (typically Cladophora glomerata). Dreissena were
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present at the sites we sampled in Lake Huron, but none of the cobbles collected had
attached mussels on them. In Oneida Lake (New York), invasion by Dreissena
polymorpha increased rates of total benthic primary production by 4%, and reduced
interannual variability in benthic algal productivity from before invasion (Cecala et al.
2008). In Saginaw Bay (Lake Huron), epilithic algal production increased five-fold after
Dreissena invasion (Lowe and Pillsbury 1995). Comparisons between Lake Erie
Cladophora mats with and without associated Dreissena showed that algal productivity
increased with increasing mussel density (Davies and Hecky 2005). Although we did not
quantify Dreissena in our samples, we can assume that the mussels had a direct, positive
affect on the biomass and productivity of Lake Erie samples collected below the surf
zone.
We measured a limited number (n = 21) of Lake Huron epilithic biofilms for their
ecoenzyme production to determine nutrient limitation of the biofilms. The majority of
Lake Erie and all Lake Huron biofilms indicated P limitation due to PHOS:LAMP > 0.25
(Hill et al. 2006). Great Lakes coastal wetlands tend to be limited by N (Cooper et al.
2015), but there are no published data on littoral epilithic algal nutrient demand using
ecoenzyme analysis. Nutrient diffusing substrata indicate that benthic algal assemblages
in the Great Lakes exhibit both N and P limitation, especially in oligotrophic basins
(Carrick and Lowe 2007), while P primarily limits benthic algae in more eutrophic areas,
especially after Dreissena invasion (Pillsbury et al. 2002, Winslow et al. 2014, Francoeur
et al. 2015). While our sample size was limited, these data suggest that benthic biofilms
in Lake Erie and Lake Huron are primarily P limited, but N limitation or colimitation by
P and N, is possible in some Lake Erie biofilms.
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Stable N isotopes reflect anthropogenic nutrient pollution in aquatic ecosystems
(Vander Zanden et al. 2005), and the higher δ15N of Lake Erie biofilms correspond to
greater water column nutrients. Lake Erie biofilm isotopic signatures were similar to
samples collected from eutrophic Green Bay (Lake Michigan) while Lake Huron biofilms
were similar to benthic algae from oligotrophic Lake Superior (Camilleri and Ozersky
2019). High PHOS:LAMP and low δ15N suggest that Lake Huron biofilms are nutrient
limited, which may explain the low chlorophyll a and productivity estimates we observed
compared to Lake Erie. However, high inorganic content in our samples prevented us
from being able to reliably compute biofilm C:N. Assessments of ecoenzymes and stable
isotopic signatures were limited in size or had methodological issues, but both suggested
that biofilms were nutrient limited, which may explain low rates of GPP. These ideas
remain speculative until a robust analysis of Lake Huron epilithic stoichiometry or
nutrient demand is completed.
Conclusion
Our data illustrate that nearshore rocky areas in Lake Erie are habitat for abundant
and productive attached algal biofilms. Beyond the zone of wave action, robust
assemblages of mixed filamentous green algae and prostrate diatoms, cyanobacteria and
green algae persist. In Georgian Bay, chronic nutrient stress and turbulence from waves
may be limiting the growth of epilithic algae. Great Lakes food webs are fueled by
benthic algae (Keough et al. 1996, Sierszen et al. 2004, 2006) and sheltered nearshore
areas may be places for the greatest exploitation of this critical resource. Eutrophication
occurring in shallow basins and nearshore areas of the Great Lakes limits light
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availability at the benthos which, in conjunction with wave disturbance at shallow depths,
constricts the habitat suitable for epilithic algae.
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Table 2.1: Study site characteristics. Replicate (n = 3 – 5) samples were collected at each depth at each site. E_z = depth-integrated
exposure index based on effective fetch and wind data. Mean gross primary productivity (GPP) and chlorophyll a (Chl a) are the
average values across all sampled depths at a site. Average wind speed and direction = average wind speed (m/s) and direction (°) over
the four weeks prior to sampling based on buoy data.Water TP and Water chlorophyll a (Chl) are the means of replicate (n = 3) water
samples collected from just below the surface (< 0.5 m) at each site. kd values in Lake Erie were calculated from light attenuation data
collected at each site during each sampling event. Lake Huron kd values are derived from the literature. Lake Erie metrics separated by
commas are values for each sampling period. na = not available.
Lake Huron
Site

Depths (m)

Barrow Bay
Dyer Bay
Whippoorwill
Bay
Stokes Bay

0.5
1, 2, 3.5, 5, 7
0.5, 2.5, 5, 6,
8
0.5, 1, 1.5

sampling
times

Exposure
(shallow –
deep)

Average wind
speed and
direction

Mean GPP
(mg C m-2
hr-1)

August 2016
August 2016
August 2016

2.09
1.61 – 0.26
2.18 – 0.2

1.1, 97
4.5, 164
0.9, 16

25.5
15.5
19.3

August 2016

1.25 – 0.71

1.3, 260
147
Lake Erie

Exposure
(shallow –
deep)

Average wind
speed and
direction

Mean GPP
(mg C m-2
hr-1)

Mean
biofilm
Chl a
(mg m-2)
2.8
2
2.9
64.7

Site

Depths (m)

sampling
times

Van Buren
Bay
East Point
Gibraltar
Island
Manila Bay

1.5, 1.75, 2, 3

August 2017

1.74 – 1.16

2.9, 134

161

Mean
biofilm
Chl a
(mg m-2)
39.4

1.5, 3, 5
1, 3, 5

66.2
110, 83.8

41.2
77.8, 100

2.3, 97; 1.1,
238; 1.6, 80

91.3, 120,
67

0.5, 1, 3

1.11 – 0.32
0.47 – 0.03,
0.56 – 0.04
0.5 – 0.12,
1.04 – 0.11,
1.05 – 0.11
1.17 – 0.14,
1.05 – 0.11

2.2, 86
0.6, 23; 0.7, 26

Sugar Island

August 2017
June 2017,
August 2017
July 2016,
June 2017,
August 2017
June 2017,
August 2017

1.6, 58; 1.0, 37

86.5, 79.8

250,
75.5,
60.4
103, 61.7

0.5, 1.5, 1.75,
2, 3, 4
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Water
TP
(µg/L)

Water
Chl
(µg/L)

kd

5.6
6.4
3.9

1.2
2.9
0.3

0.17
0.17
0.17

4.4

1.1

0.17

Water
TP
(µg/L)

Water
Chl
(µg/L)

kd

9.42

1.4

0.45

13.6
16.3,
12.2
14.9,
16.3,
16.2
16.3,
14.8

na
na, 2.6

0.45
0.56, 0.45

1.9, na,
1.3

0.56, 0.45
0.53

na, 2.3

0.56, 0.45

Table 2.2. Regression statistics for Lake Erie and Lake Huron multiple regression
models. We tested models including Lake, light, depth-integrated wave exposure, and the
interaction of those variables. Chlorophyll a, AFDM and GPP data were log10(x)transformed for each lake. We regressed the residual values from each model on Water
TP and Water Chlorophyll a but those variables did not significantly explain variation in
the residuals of the initial models.
Estimate
Intercept
Light
Exposure
Lake Huron

t

p

1.68
0.00004

Std.
Error
0.07
0.0001

22.813
0.396

0.69
-0.34

0.18
0.21

3.822
-1.634

-0.0005
0.0005
-2.75
0.0013

0.0002
0.0002
0.58
0.0003

-3.082
2.744
-4.726
4.078

< 0.001
0.6927
54
< 0.001
0.1036
57
0.002
0.006
< 0.001
< 0.001

Estimate

t

p

13.094
0.977

GPP
Light x Exposure
Light x Lake Huron
Exposure x Lake Huron
Light x Exposure x Lake
Huron

Chl a

AFDM

Intercept
Light

1.6569687
0.0001651

Std.
Error
0.1265
0.0002

Lake Huron
Exposure
Light x Lake Huron
Light x Exposure
Lake Huron x Exposure
Light x Lake Huron x
Exposure

-1.409895
0.6484369
0.0021861
-0.000849
-5.821236
0.002582

0.4284
0.3209
0.0004
0.0003
1.085
0.0006

-3.291
2.021
6.098
-3.115
-5.365
4.212

< 0.001
0.3295
1
0.001
0.04
< 0.001
0.002
< 0.001
< 0.001

Estimate

Std.
Error
0.0908
0.0001
0.2845
0.3517
0.0002
0.0003
0.870
0.0005

t

p

9.783
-0.934
4.908
1.363
-4.792
5.654
-7.759
6.554

< 0.001
0.352
< 0.001
0.175
< 0.001
< 0.001
< 0.001
< 0.001

Intercept
Light
Exposure
Lake Huron
Light x Exposure
Light x Lake Huron
Exposure x Lake Huron
Light x Exposure x Lake
Huron

0.8885486
-0.000113
1.3963163
0.4793959
-0.001086
0.0016183
-6.753943
0.0033106
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R2
adj.

0.44

R2
adj.

0.56

R2
adj.

0.57

Figure 2.1: Map of Lake Erie and Lake Huron epilithic sample sites. The Lake Erie inset includes
sampling months for each site (J = June, JL = July, A = August). All Lake Huron sites were sampled
once in August 2016. We collected PAM parameters and water samples at Pleasant Point in Lake
Huron, but did not measure biomass or productivity at this site. Van Buren Bay in eastern Lake Erie
was sampled once in August 2017. See Table 1 for site characteristics and sampling depth
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Figure 2.2: Epilithic chlorophyll a in Lake Erie (A, June 2017; B, August 2017) and Lake Huron
(C, August 2016). Each point represents the mean of 3 – 5 replicate samples from a site and
depth. Error bars represent 1 standard error about the mean. Each shape corresponds to a
different sampling site. For Lake Erie, open circles = Sugar Island, closed circles = Gibraltar
Island, closed squares = Manila Bay, open squares = East Point, closed triangles = Van Buren
Bay. For Lake Huron, open circles = Dyer Bay, closed circles = Whippoorwill Bay, closed
triangles = Barrow Bay. Stokes Bay data from Lake Huron are not included in C (147 ± 21.4 mg
chlorophyll a m-2).
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Figure 2.3: Relationship between epilithic chlorophyll a and depth-integrated exposure.
There was a strong negative relationship between Lake Erie epilithic chlorophyll a and
exposure. Lake Huron epilithic chlorophyll a varied little with depth and, aside from
samples collected at two depths in sheltered Stokes Bay, was uniformly low. There was
little variation in Lake Huron epilithic chlorophyll a explained by depth-integrated wave
exposure.
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Figure 2.4: Epilithic ash free dry mass in Lake Erie (A, June 2017; B, August 2017) and
Lake Huron (C, August 2016). Each point represents the mean of 3 – 5 replicate samples
from a site and depth. Error bars represent 1 standard error about the mean. Each shape
corresponds to a different sampling site. For Lake Erie, open circles = Sugar Island,
closed circles = Gibraltar Island, closed squares = Manila Bay, open squares = East Point,
closed triangles = Van Buren Bay. For Lake Huron, open circles = Dyer Bay, closed
circles = Whippoorwill Bay, closed triangles = Barrow Bay, closed rectangles = Stokes
Bay.
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Figure 2.5: Epilithic gross primary productivity in Lake Erie (A, June 2017; B, August
2017) and Lake Huron (C, August 2016). Each point represents the mean of 3 – 5
replicate samples from a site and depth. Error bars represent 1 standard error about the
mean. Each shape corresponds to a different sampling site. For Lake Erie, open circles =
Sugar Island, closed circles = Gibraltar Island, closed squares = Manila Bay, open
squares = East Point, closed triangles = Van Buren Bay. For Lake Huron, open circles =
Dyer Bay, closed circles = Whippoorwill Bay, closed triangles = Barrow Bay, closed
rectangles = Stokes Bay
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Figure 2.6: Manila Bay (Lake Erie) epilithic chlorophyll a (A) and gross primary
productivity (B) across the summer months. Points represent the mean of 5 replicate
samples from a depth. Error bars represent 1 standard error about the mean. Shallow
depths (solid line) = 0.5 m, mid depth (short dash) = 1.5 – 2 m, deep depths (long dash) =
3 – 4 m. Chlorophyll a was greatest at deep depths in July, while productivity was
greatest at mid or deep depths and peaked in June.
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Figure 2.7: Relationship between gross primary productivity estimates from chambers
and ETR values from the same samples obtained via PAM fluorometry. There was a
significant relationship between epilithic biofilm functional metrics between these
methodologies, but there was no difference in slope for measurements made in Lake
Huron and Lake Erie. Open circles represent samples from Lake Huron, while closed
circles are from Lake Erie.
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Figure 2.8: Ecoenzyme analysis of Lake Erie and Lake Huron epilithic
biofilms. Lake Huron biofilms had significantly greater PHOS:LAMP
activity than Lake Erie biofilms. Horizontal lines represent median values
and boxes represent inter-quartile ranges (25-75% percentiles). Whiskers
show the range of data, while points represent the mean value of each
sample (individual site and depth). The dashed horizontal line shows
PHOS:LAMP 0.25, the threshold for P limitation typically used in
ecoenzyme assays.
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Figure 2.9: Lake Erie epilithic biofilm stable isotopic signatures of carbon
(A) and nitrogen (B) over the summer months. Points represent 1 – 2
samples from each depth/site combination. Each shape and shade
correspond to a different sampling site: open circles = Sugar Island, closed
circles = Gibraltar Island, closed squares = Manila Bay, open squares =
East Point, closed triangles = Van Buren Bay.

62

Figure 2.10: Lake Huron epilithic biofilm stable isotopic signatures of carbon (A) and
nitrogen (B). Points represent 1 – 2 samples from each depth/site combination. Each
shape and shade correspond to a different sampling site: open circles = Stokes Bay,
closed circles = Whippoorwill Bay, closed rectangles = Dyer Bay, open rectangles =
Barrow Bay.
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Chapter 3: Dreissena harbor benthic algal assemblages distinct from surrounding
sediments in Lake Erie and Lake Ontario

Introduction
Expanses of sand and unconsolidated sediments dominate the benthic habitats of
the Laurentian Great Lakes, with depositional sediment area far exceeding the narrow
rind of rocky substrate found in the nearshore zone. Where light is sufficient, motile
epipelic algae and diffuse biofilms coat the surface of quiescent depositional sediments.
Sediment algal assemblages are often unevenly distributed, which makes it difficult to
predict how benthic algal biomass varies spatially in large lakes. Whole-lake primary
production in large lakes is dominated by phytoplankton (Vadeboncoeur et al. 2008), but
littoral zones constitute between 10% (Lake Superior) and 37% (Lake Huron) of total
lake surface area in the Laurentian Great Lakes (Vadeboncoeur et al. 2011) providing
abundant habitat for benthic algae. Mid-20th century eutrophication in the lower Great
Lakes was managed by reductions in phosphorus loading during the 1970s and 1980s, but
the unintentional introduction of Dreissenid mussels (1980s) did far more to decrease
phytoplankton biomass than targeted remediation efforts. By filtering phytoplankton and
depositing pseudofeces on the sediments, dreissenids increase light and nutrients for the
filamentous green algae (Lowe and Pillsbury 1995; Francoeur et al. 2015). Filtering and
nutrient excretion by Dreissena contribute to excessive filamentous algal blooms (FABs)
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of Cladophora occurring in Lakes Erie, Michigan and Ontario (Higgins et al. 2008). We
expand our understanding of the effects of dreissenids on the benthic algae Lakes Erie
and Ontario by quantifyinghow, through providing a novel hard substrate for attached
algae, mussels are transforming the benthic algal assemblage in the Great Lakes.
There are few characterizations of Great Lakes benthic algae after the
introduction of invasive species (Dreissena mussels and round goby, Neogobius
melanostomus) that physically disturb benthic substrata. The most conspicuous algal
assemblages in the Great Lakes are mats of Cladophora glomerata found in the shallow
nearshore zone (Higgins et al. 2008; Stewart and Lowe 2008). Efforts to determine the
drivers of nuisance Cladophora proliferations dominate our understanding of attached
algal ecology in the Great Lakes, even though drivers of Cladophora may not be
applicable to algae living in sediments and low light environments. In Lake Erie, benthic
algal chlorophyll a is highly variable (range: 1.4 to 101.7 mg m-2; Carrick et al. 2005) and
phaeophytin (a product of chlorophyll degradation) is the dominant algal pigment in
sediments (Carrick 2004). Sediment chlorophyll increases in the spring and summer
months at shallow depths in Lake Erie (Lashaway and Carrick 2010) and Lake Michigan
(Nalepa and Quigley 1987), but there is little temporal variation at deeper sites. Lake
sediment algal assemblages are primarily composed of mobile benthic diatoms,
cyanobacteria and desmid green algae (Cantonati and Lowe 2014; Poulíčková et al.
2014). Early investigations revealed depth-stratified assemblages of benthic diatoms
growing down to 27 m in Lake Michigan (Stevenson and Stoermer 1981; Kingston et al.
1983) and to 40 m in Lake Ontario (Yang and Duthie 1995). Explorations of Great Lakes
sediment algae since the introduction of Dreissena mussels have shown planktonic
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diatoms (Cyclotella, Stephanodiscus; Carrick 2004; Carrick et al. 2005) and filamentous
green algae (Cladophora) or diatoms (Achnanthidium, Fragilaria; Pillsbury et al. 2002;
Francoeur et al. 2015) as the dominant benthic algae in Lake Erie and Lake Huron,
respectively.
Sediment algal assemblages also include planktonic algae that have either settled
or migrated to the lake bottom. Filamentous and multicellular phytoplankton
(Aulacoseira, Fragilaria) or coenobia (Microcystis) settle to the sediments in the absence
of turbulence (Ruiz et al. 2004). The resting stages of planktonic diatoms and
cyanobacteria overwinter in nearshore sediments, subsequently seeding the water column
after spring turnover events (Carrick et al. 1993, 2005). These settled and resting
phytoplankton, along with active benthic algae, contribute to the pigment composition of
sediments. In the central and eastern basins of Lake Erie, pigments from phytoplankton
can exceed those of sediment algae by 10-fold (Carrick 2004; Carrick et al. 2005). Light
limitation and disturbance by wave action likely control the structure and distribution of
sediment algae in the Great Lakes, with primarily benthic algae (mobile diatoms and matforming filamentous cyanobacteria) in well-lit sediments below the zone of wave
disturbance and settled phytoplankton in deep, aphotic sediments.
Invasive mussels have transformed the structure and function of Great Lake
benthic habitats. Zebra mussels (Dreissena polymorpha) colonized the Great Lakes in the
late 1980s and the congener species, quagga mussels (D. rostriformis bugensis),
colonized the lakes shortly thereafter (Vanderploeg et al. 2002), largely replacing zebra
mussels throughout the lower Great Lakes by the mid-1990s (Wilson et al. 2006;
Karatayev et al. 2014). Dreissena filter phytoplankton, which increases light and
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nutrients at the benthos (Higgins et al. 2008; Auer et al. 2010), shifting benthic algal
assemblages from dominance by diatoms to filamentous green algal dominance (Lowe
and Pillsbury 1995; Francoeur et al. 2015). What has been less appreciated is that
Dreissena cover soft sediments, which can be a strong limiting factor for filamentous
algae, like Cladophora glomerata (Higgins et al. 2008). Dreissenids, especially quagga
mussels, are able to colonize soft sediments (Bially and MacIsaac 2000), which changes
the physical structure of the benthos and might facilitate the expansion of filamentous
algae to locations where they were previously unable to grow. Most assessments of
dreissenid impact on Great Lakes benthic algae are from single locations and shallow
depths. Understanding how dreissenids affect benthic algae along broad depth gradients
and across an entire lake will help us determine potential changes in autotrophic structure
or biogeochemical cycling at the ecosystem level.
Due to logistical constraints, most studies of benthic algal biomass and
metabolism in lakes occur at a few sites and over shallow depth gradients. Therefore, we
have a limited understanding of how environmental parameters influence the abundance
and productivity of lake benthic algae. The purpose of this study was to determine the
biomass, productivity and composition of epipelic algae across broad spatial and depth
gradients in Lake Erie and Lake Ontario. Both lakes are heavily invaded by Dreissena, so
we explored how dreissenid invasion affects biomass (as chlorophyll a) and taxonomic
composition of algae through changes to benthic substrates. We tested three hypotheses:
1) Attached algal biomass on sediments and Dreissena shells will be negatively
correlated with depth, due to light attenuation, 2) mussel shells will host a greater
abundance of filamentous algae, while sediments will be primarily composed of mobile
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diatoms and 3) at a given light intensity, biomass per shell surface area will have greater
densities of algae (as chlorophyll a) than surrounding sediments.
Materials and Methods
Sampling sites and approach
We measured the biomass and photosynthesis of algae growing on sediments and
attached to Dreissena mussel shells across broad spatial and depth gradients in Lake Erie
and Lake Ontario. We sampled during the Cooperative Science and Monitoring Initiative
(CSMI) lake-wide cruises of the United States Environmental Protection Agency research
vessel Lake Guardian in September 2018 (Lake Ontario) and July 2019 (Lake Erie). We
collected mussels and sediment core samples by subsampling benthic Ponar grabs
deployed to collect macroinvertebrates (Karatayev et al. 2020). We quantified attached
algal biomass and primary production at 46 sites (8 – 212 m) in Lake Ontario and 43 sites
in Lake Erie (9 – 38 m).
Light and water chemistry
At each site, water chemistry data were measured near the lake bottom (1 m above
the bottom in Lake Erie and 2 m in Lake Ontario) using a Sea-Bird multi-parameter
profiler and sensors. These included temperature, dissolved oxygen (mg/L), conductivity
(S/m2), beam transmittance and relative fluorescence units. The sampling procedure and
methods are described in the U.S. EPA GLNPO Great Lakes Water Quality Surveys
Quality Assurance Project Plan (QAPP, 2010). Surface and submersible PAR sensors
attached to the profiler collected light measurements during daytime casts. We used PAR
data to calculate the light attenuation coefficient Kd (Kirk 2011). At sites where we were
unable to calculate Kd owing to night time collection, we used the R (version 4.0.2; R
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Core Team 2020) packages sp (Bivand et al. 2013) and rgeos (Bivand and Rundel 2020)
to match to the nearest neighboring site (based on GPS coordinates) with a calculated Kd
value.
Sediment sampling
Sediment samples were collected using Ponar grabs (sampling area 0.0523 m2)
that were drained to maintain the structural integrity of the sediment. Cores (n = 5) of the
top 0.5 cm of sediment were collected using a polyacrylic sampler (inner diameter = 1.9
cm) and stored in glass vials. We collected three samples of surface sediment for algal
community analysis by scraping random areas of the Ponar surface with a flat micro
spatula, and we preserved these samples with 3% (v/v) glutaraldehyde solution. If
Dreissena were present in Ponar grabs, we also collected algae from the shells of three
mussels using a razor blade, and this biofilm sample was preserved in 3% (v/v)
glutaraldehyde solution. All remaining Dreissena were rinsed of sediment and frozen
whole in plastic zip bags.
Algal biomass
Sediment cores were frozen, freeze-dried, and subsampled for chlorophyll a and
ash-free dry mass (AFDM). To measure chlorophyll content of the epipelic algae, we
extracted a 10 mg subsample of the freeze-dried sample in 90% buffered ethanol at 4°C
for 24 hr. Replicate Dreissena (3 – 5 per site) were dissected and their frozen shells were
analyzed for chlorophyll content by extracting algal pigments directly from the shells
using 90% buffered ethanol. We measured chlorophyll fluorometrically with an
acidification step (Arar and Collins 1997) on either an Aquafluor handheld or a Trilogy
Benchtop fluorometer (Turner Designs, San Jose, California). We measured pheophytin
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from the fluorometry data using the calculations in Arar and Collins (1997). AFDM of
epipelic algae was determined by weighing out an approximately 40 mg subsample of
freeze-dried material, combusting at 500°C for 1 hr and reweighing the sample.
Algal community assessment
We assessed replicate (n = 2 – 3) samples of epipelic and epizooic algae from 10
sites in Lake Erie and 7 sites in Lake Ontario. Subsamples of preserved algae from
sediments and mussel shells were mounted on microscope slides using Taft syrup
medium (Taft 1978). Prepared slides were examined at 400 – 600x magnification using
an Optiphot-2 microscope (Nikon, Tokyo, Japan). We counted 300 undamaged algal
cells, or all undamaged cells if slides contained < 300. Algae were identified to Genus
based on reference keys in Round et al. (1990) and Wehr et al. (2015).
Photosynthesis-irradiance curves
At 16 sites in Lake Ontario and 14 sites in Lake Erie, replicate cores (n = 3 – 6) of
the top 0.5 cm of sediment were collected using a polyacrylic sampler (sampling area 5
cm2) and placed in the wells of plastic six-well plates for photosynthesis-irradiance (PE)
incubations. Sampling was stratified based on depth zones and lake basins to capture
spatial variability in the lakes. Well plates containing sediment were placed in large
plastic tubs under LED lighting (15 μmol m-2 s-1; Current USA Satellite Freshwater LED
model 4005, Vista, California) and cooled to site bottom temperature using ice. Disks of
36 µm Nitex mesh were placed on the surface of each sediment core to intercept mobile
algae that migrate through the sediments via positive phototaxis. Samples were incubated
under light (40 PAR) for 12 hr.
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We used pulse-amplitude modulated (PAM) fluorometery (Diving PAM, WALZ,
Effeltrich, Germany) to quantify photosynthesis irradiance (PE) relationships of sediment
algae and algal biofilms growing on Dreissena. Rapid light curves (RLCs) were used to
characterize algal photosynthesis-light relationships (Serôdio et al. 2005; Devlin et al.
2016) and to estimate maximum Electron Transport Rate (ETRMAX) of the biofilms (see
Chapter 2). We placed the fiber optic cable of the PAM 4 mm above the sediment or
Dreissena biofilm and exposed it to each light intensity of the RLC for 20 s. The
duration of light exposure during RLCs can affect the measured PE parameters (Perkins
et al. 2006; Devlin et al. 2016). RLCs with exposure increments less than 30 s are the
accepted protocol for assessing photophysiology of marine sediment biofilm
communities (Perkins et al. 2010). Biofilms were not dark adapted before RLCs, but the
sample holder excluded ambient light during RLC generation. We used the PAM to
measure PE relationships of epipelon by placing the fiber optics holder directly on the
sediment cores when generating RLCs. To determine the PE relationships of mobile
benthic algae, we removed the Nitex mesh disks that rested on top of the sediments
during incubation and conducted RLCs directly on the Nitex mesh. In Lake Erie, we
measured the PE relationships of replicate (n = 3 – 5) Dreissena biofilms at 11 sites by
placing the fiber optics holder of the PAM fluorometer on the flattest portion of the
mussel shell. A neoprene gasket on the fiber optic holder excluded ambient light during
measurements.
Statistical analysis
We used regression analysis to analyze relationships of chlorophyll a from
sediments or mussel shells with environmental and spatial variables. For Lake Erie data,
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we included environmental data from 2 m above the benthos collected using the CTD.
These variables included depth, temperature (°C), dissolved oxygen (mg L-1),
conductivity (S m-2), PAR (µmols m-2 s-1), beam attenuation and relative fluorescent
units. For Lake Ontario data, we included the same CTD data as for Lake Erie in addition
to total sediment P (mg P g-1 dry sediment) and total sediment N (mg N g-1 dry sediment)
analyzed in duplicate at each site. Sediment P was analyzed following GLNPO SOP LG
600 and sediment N was analyzed following GLNPO SOP LG 602.
We sampled sediments and mussels across the entirety of both lakes, which
spanned known chemical and bathymetric gradients. To account for spatial structuring in
our samples, we used Principle Coordinates of Neighbor Matrices (PCNM) analysis
(Borcard and Legendre 2002; Borcard et al. 2018). PCNM estimates spatial variation and
decomposes that information into axes that represent the spatial relationships among the
sites. PCNM can detect spatial structuring at different scales, including fine-scale
variation that might be missed by use of environmental variables alone. PCNM are a type
of distance-based Moran’s Eigenvector Maps (dbMEMs). We determined significant
dbMEMs using the adespatial package (Dray et al. 2020) following Borcard et al. (2018).
We computed dbMEMs for sediment chlorophyll and Dreissena shell chlorophyll in
Lake Ontario and Lake Erie using the Cartesian coordinates of each sampling site. We
used the function “dbMEM” to determine the significant dbMEMs based on forward
selection methods. We assigned significant dbMEMs as either “broad” or “fine” scale
based on visual examination of plots of the fitted site scores versus canonical axes. We
then determined the variance partitioning of chlorophyll against the environmental and
spatial data. Significant dbMEMs were then extracted for use in regression models.
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We determined the depth of the photic zone using the light attenuation coefficient,
Kd, calculated from PAR readings taken by the CTD. Lake Ontario data from the photic
zone and aphotic zone were fit to different models because it is likely that different
spatial and environmental factors determine chlorophyll in the zones. To select model
parameters and avoid over-fitting models, we first removed co-linear variables. For
example, temperature was highly correlated with sampling depth, so we excluded
temperature from our models. We used forward-selection methods to determine variables
that explained the most variation in chlorophyll and that were ecologically relevant. We
transformed chlorophyll data (log10) to meet the assumptions of normality for linear
regression. We used residual plots to detect heteroscedasticity.
We used nonmetric multidimensional scaling (NMDS) based on Bray-Curtis
similarities to quantitatively assess differences in algal community composition on
sediments and Dreissena. We had different sample sizes for the algal counts between
substrates in Lake Ontario, so we used analysis of similarities (ANOSIM) using BrayCurtis distance to determine if centroids of the substrate clusters differed. For Lake Erie
data, we used permutational multivariate analysis of variance (PERMANOVA) to test for
differences between algal assemblages on sediments and in Dreissena shell biofilms.
NMDS and ANOSIM were computed using the vegan package (Oksanen et al. 2019). We
used the package indicspecies (De Caceres and Legendre 2009) to determine the algal
taxa that were associated with sediments and with Dreissena biofilms. Indicator Species
Values (ISV) range from 0 (absent from the samples) to 1 (present in all samples of a
subset). Taxa with ISV near 1 are good indicators because they are abundant and not
found in other subgroups. We selected indicators that had ISV > 0.5, as we wanted to
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choose taxa that were mostly unique to either sediments or Dreissena shell biofilms and
ISV below 0.25 are considered too weak to conclusively represent a subset (Dufrêne and
Legendre 1997).
Results
Algal biomass
Lake Erie sediment chlorophyll ranged from 0.8 – 348.4 mg m-2. Lake Erie
sediment chlorophyll exhibited a unimodal relationship with depth but was highly
variable along the sampled depth gradient. Sediment chlorophyll was greatest at 17 m and
lower at very shallow (< 10 m) and deep (> 30 m) sites (Figure 3.1a). In general,
sediment chlorophyll was greater in the Central and Eastern Basins than in the Western
Basin. The model that best explained variability in Lake Erie sediment chlorophyll
included dbMEM2 (a broad-scale spatial vector) and the interaction between dbMEM2
and depth as predictor variables (F3,201 = 8.84, R2=0.10, p<0.001). Sediment chlorophyll
in Lake Ontario was generally lower than in Lake Erie, ranging from 0.4 – 148.9 mg m-2.
Sediment chlorophyll was greatest in the euphotic zone while beyond 50 m sediment
chlorophyll remained low (< 20 mg m-2). At very deep sites, sediment chlorophyll
increased slightly, up to approximately 20 mg m-2 (Figure 3.1c). The model that best
explained variability in Lake Ontario sediment chlorophyll included depth, an interaction
between depth and photic zone and dbMEM10 (a fine-scale spatial vector) as predictor
variables (F4,210 = 59.6, R2=0.52, p<0.001).
Maximum chlorophyll concentrations on Dreissena were similar between lakes.
However, Dreissena shell chlorophyll was lower than sediment chlorophyll in both lakes.
Lake Erie mussel shell-associated chlorophyll ranged from 0.2 – 48.4 mg m-2 (Figure
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3.1b). Most mussels collected from Lake Erie had thin, patchy biofilms that were either
transparent or had light green coloration. Few Lake Erie Dreissena had visible algal
filaments attached to them. Lake Erie mussel shell chlorophyll was greatest on mussels
collected from depths ≤ 15 m in the Central and Eastern Basins. PCNM vectors did not
explain variability in Lake Erie mussel shell chlorophyll. Mussels collected from shallow
depths in Lake Ontario often had visible filaments and patchy green biofilms attached to
their shells. Lake Ontario mussel shell chlorophyll ranged from 0.1 – 41.8 mg m-2 and
was greatest at depth < 40 m (Figure 3.1d). Beyond 50 m, mussel shell chlorophyll was
negligible. Lake Ontario mussel shell chlorophyll was best explained by depth, an
interaction between depth and photic zone and dbMEM5 (a fine-scale spatial vector) as
predictor variables (F7,79 = 107.8, R2=0.90, p<0.001).
Sediment pheophytin was generally greater than sediment chlorophyll in both
lakes. The ratio of chlorophyll to pheophytin (Chl:Pheo) in Lake Erie sediments ranged
from 0.2 – 7.8 (Figure 3.2a). There was considerable variation in Chl:Pheo among the
sites sampled in Lake Erie. The highest Chl:Pheo occurred between 10 and 20 m. We
were unable to determine pheophytin from Lake Erie Dreissena shells due to instrument
error. Lake Ontario sediment Chl:Pheo was generally lower than in Lake Erie, ranging
from 0.002 – 0.7 (Figure 3.2b). The highest values of Chl:Pheo were at depths < 20 m.
Chl:Pheo was greater on mussel shells collected from Lake Ontario than on surrounding
sediments, ranging from 0.05 – 1.85 (Figure 3.2c). At depth > 50 m, Lake Ontario
Chl:Pheo was very low (< 0.1) and showed little variation for sediments or Dreissena
shells.
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Algal productivity
ETRMAX on sediments decreased with depth in both lakes. Lake Erie sediment
ETRMAX was unimodally distributed with depth and greatest at 20 m (Figure 3.3a). Lake
Erie Dreissena shell ETRMAX was lower than ETRMAX on sediments and decreased with
depth (Figure 3.3b). We measured ETRMAX down to 37 m on both sediments and
Dreissena shell biofilms in Lake Erie. There was a strong, positive relationship between
sediment ETRMAX and sediment chlorophyll. However, there was no relationship between
ETRMAX and chlorophyll from Lake Erie Dreissena shell biofilms. In Lake Ontario,
ETRMAX was greatest at 15 m and declined to 43 m. Beyond 43 m, we were unable to
estimate Lake Ontario sediment ETRMAX due to low fluorescence (Figure 3.3c).
Algal assemblages
Lake Erie sediments contained abundant mobile benthic diatoms, such as
Achnanthidium, Gyrosigma, Nitzschia and Amphora but there were also many planktonic
taxa (Aulacoseira, Stephanodiscus, Asterionella and Thalassiosira). Lake Erie Dreissena
biofilms contained many of the same diatoms (Achnanthidium, Frustulia, Gyrosigma and
Amphora) and cyanobacteria (Pseudoanabaena, Microcoleus, Oscillatoria and small
coccoid cyanobacteria). PERMANOVA showed significant differences in algal
composition between sites (F9, 54 = 9.7, p < 0.001) and substrates (sediment or Dreissena;
F1, 54 = 39.9, p < 0.001; Figure 3.4a). We identified the diatoms Aulacoseira (ISV = 0.62,
p < 0.001), Fragilaria (ISV = 0.56, p < 0.001), Stephanodiscus (ISV = 0.53, p < 0.001),
Surirella (ISV = 0.5, p < 0.01) and Cyclotella (ISV = 0.5, p < 0.001) as indicator taxa for
Lake Erie sediments. The best indicator taxon for Lake Erie Dreissena biofilms was the
filamentous cyanobacteria Pseudoanabaena (ISV = 0.67, p < 0.001).

76

Lake Ontario sediments contained similar benthic diatoms to Lake Erie
sediments. The most common taxa were the diatoms Achnanthidium, Frustulia,
Gyrosigma, Aulacoseira and the cyanobacterium Pseudoanabaena. Biofilms growing on
Dreissena were composed of similar diatoms (Achnanthidium, Frustulia, Gyrosigma) but
rarely had planktonic taxa. Cyanobacteria (Pseudoanabaena, Phormidium, Geitlerinema)
and green algae (Pediastrum) were more common in Dreissena biofilms than on
sediments. ANOSIM showed significant differences in algal assemblage composition
with site (R = 0.44, p < 0.001) and depth (R = 0.33, p < 0.001). There were significant
differences in algal composition between sediments and Dreissena biofilms (R = 0.14, p
= 0.001; Figure 3.4b). The best indicator taxon for Lake Ontario sediments was the
benthic diatom Campylodiscus (ISV = 0.54, p < 0.001), while the best indicator taxa for
Lake Ontario Dreissena biofilms were the filamentous cyanobacteria Phormidium (ISV =
0.65, p < 0.001) and Oscillatoria (ISV = 0.57, p < 0.001).
The percentage of benthic taxa that comprised the Dreissena assemblages in Lake
Erie remained consistently high (> 80%) with depth (Figure 3.5a). The percentage of
benthic taxa in sediments was generally lower than for Dreissena assemblages. In both
Lake Ontario and Lake Erie, the proportion of phytoplankton in sediment assemblages
increased with depth (Figure 3.5a,b).
Discussion
Sediment chlorophyll was highest in the photic zone and we detected active
benthic photosynthesis from 10 – 40 m in both Lake Erie and Lake Ontario. Although
phytoplankton were present in nearly all samples, viable benthic algae dominated algal
counts in sediments and growing on the shells of Dreissena. Ratios of
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chlorophyll:pheophytin were generally higher on Dreissena than on surrounding
sediments, which indicates Dreissena are harboring more viable algae and sediments
accumulate detritus. Biofilms on Dreissena contained more filamentous algae than
nearby sediments (Figure 3.6), and Dreissena may be facilitating the expansion of
nuisance algae to previously unsuitable habitats.
Algal biomass
Soft sediments are the most extensive littoral habitat below the wave zone in the
Laurentian Great Lakes, but assessments of attached algal biomass on sediments are rare
owing to logistic and methodological constraints (Carrick 2004; Malkin et al. 2010). The
deep-water research vessel, Lake Guardian, was unable to sample in the upper littoral
zone (<8m), but we sampled extensively in the supralittoral zone, where viable benthic
algae occur, and below the photic zone where sediment chlorophyll is largely derived
from phytoplankton detritus. We sampled the top 5 mm of sediment, which includes
benthic algae, phytoplankton and phytodetritus. The potential presence of phytoplankton
and phytoplankton detritus means that chlorophyll concentrations must be interpreted
with care, but chlorophyll : phaeophytin ratios (as an index of living : degraded algae)and
microscopic examination of sediments (see below) support our conclusions about the
distribution of attached algae in the lakes.
Light availability determines the maximum depth for benthic algal growth
(Vadeboncoeur et al. 2001, 2014), and nearly 37% of Lake Erie and 14% of Lake Ontario
benthic surface area receives adequate light for photosynthesis (Vadeboncoeur et al.
2011). However, the Laurentian Great Lakes experience wave heights up to 8 m (Hawley
et al. 2004), which negatively impacts algal biomass in the shallowest, highest light
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habitats. Sediment chlorophyll at our shallowest stations (≤ 15 m) were similar, with a
maximum of approximately 50 mg m-2. Sediment chlorophyll was highest at sandy sites,
which were primarily in shallow, well-lit waters. The benthic substrata in the Great Lakes
changes from sand, gravel and rock in very shallow waters to unconsolidated organic
sediments and mud at depth (Barton 1988). Viable algae on the sediments resulted in
higher Chl:Pheo from 8 – 20 m in Lake Erie and from 8 – 30 m in Lake Ontario than
deeper areas of the lakes (Figure 3.2a,b). These greater Chl:Pheo suggest that there are
greater amounts of living algae in sediments at shallow depths than at deeper sites.
The combination of substrate type, light availability and wave disturbance results
in a narrow band of habitat for maximum biomass accumulation around the perimeters of
these large lakes. We recorded maximum sediment chlorophyll at intermediate depths in
Lake Erie (346 mg m-2 at 17 m) and Lake Ontario (149 mg-1 m-2 at 29 m). At these
depths, sediment algae receive adequate light for photosynthesis yet disturbance by wave
action is typically low. Sediment chlorophyll was also most variable at intermediate
depths (Figure 3.1a,c).
While light availability constrains benthic algae to the littoral zones of Lake
Ontario and Lake Erie, dead phytoplankton settle to the sediments and accumulate in
deep, aphotic benthic habitats. Sediment chlorophyll was much lower at stations > 25 m
in Lake Erie and > 50 m in Lake Ontario than at shallower stations, which may suggest
few viable benthic algae and an accumulation of settled phytoplankton. The ratio of
chlorophyll to pheophytin can be interpreted as an index of living algae to algae degraded
in the water column or sediments. Our results for Lake Erie are very similar to
concentrations in 1998, when sediment pheophytin was approximately 1.5 to 4 times
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higher than chlorophyll and pheophytin increased with depth (Carrick 2004). Chl:Pheo
recorded in sediments > 25 m in Lake Erie and from > 50 m in Lake Ontario (Figure
3.2a, b) are likely due to settled and degraded phytoplankton. As settled phytoplankton
accumulate in the profundal zone, their pigments remain well preserved in anoxic,
organic sediments (Sun et al. 1993).
Our estimates of sediment chlorophyll (0.8 – 346 mg m-2 in Lake Erie and 1.4 –
149 mg m-2 in Lake Ontario) are similar to those reported by Carrick et al. (2005) from
Lake Erie sediments (8 – 243 mg m-2) and from algae growing on nutrient diffusing
substrata in Lake Michigan (20 – 90 mg m-2, Carrick and Lowe 1988, 2007). We
extracted chlorophyll from sediments directly, while Carrick et al. (2005) diluted and
filtered the supernatant of sediment subsamples, which may explain the greater maximum
chlorophyll values we obtained from Lake Erie sediments. Chlorophyll concentrations on
the sediments were similar to depth-integrated mean chlorophyll from small temperate
lakes, which ranged from 77.0 mg m-2 to > 300 mg m-2 (Vadeboncoeur et al. 2006).
Measurements of sediment chlorophyll are rare, especially in large, deep lakes. Given the
appreciable algal biomass we measured on the Lake Erie and Lake Ontario sediments, we
should continue to explore sediment algae in large aquatic ecosystems.
In addition to vertical variation in light and disturbance associated with depth, the
bathymetry, water chemistry, and water clarity of Lake Ontario and Lake Erie vary from
west to east. This broad-scale spatial variation affected sediment chlorophyll. dbMEM
analysis revealed the greatest sediment chlorophyll in the Central and Eastern basins of
Lake Erie, where light availability is greatest. Similarly, sediment chlorophyll was
greatest on the eastern edge of Lake Ontario near Mexico Bay and the Duck-Galloo
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Ridge. Eastern Lake Ontario has higher water clarity than the rest of the lake, which
stimulates attached algal growth.
In Lake Erie, fine scale structuring showed the highest sediment chlorophyll at
sites in the Eastern and Central basins. These six sites were located on the northern shore
of the Eastern and Central basins and were all ≤ 20 m. In general, sediment chlorophyll
was much lower in the Western Basin than in the rest of Lake Erie. However, there was
also one site in the Western Basin with chlorophyll values comparable to the Eastern and
Central basin sites. This site was our nearest sampling location to the outflow of the
Detroit River, which mixes clearer water from Lake Huron into the shallow and turbid
Western Basin of Lake Erie. At the fine spatial scale, Lake Ontario sediment chlorophyll
was highest at three sites near the city of Toronto and four sites near Mexico Bay. This
may be due to elevated nutrients in the water column or groundwater from anthropogenic
input increasing benthic algal growth, or the growth of phytoplankton that then sank to
the sediments. Cryptic variation of physicochemical properties or biotic interactions
within sites can result in favorable conditions for sediment algal biomass that are not
detected when looking at the basin level.
The shells of Dreissena provide hard surfaces for attached algal colonization in
the expanse of otherwise soft, unconsolidated sediments of the Lake Erie and Lake
Ontario benthos. Maximum chlorophyll on Dreissena shells was between three- and
seven-fold lower than chlorophyll on sediments in Lake Ontario and Lake Erie,
respectively. Sediments often contain greater amounts of chlorophyll per unit area than
hard substrata owing to nutrients in the sediment pore water (Vadeboncoeur et al. 2006).
However, substrata will affect the types of algae present and the maximum biomass that
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accumulates. We only measured chlorophyll on shells of Dreissena that were living at the
time of collection. Live Dreissena excrete labile nutrients that can be used by attached
algae. Chlorophyll on Dreissena was almost always lower than in surrounding sediments,
which may be explained by the lower amounts of phytoplankton present in Dreissena
biofilms.
While we only sampled a few very shallow (< 15 m) stations in Lake Erie and
Lake Ontario, Dreissena biofilm chlorophyll was minimal at these sites, possibly because
of scour from wave disturbance. Chlorophyll from Dreissena biofilms was greatest and
most variable at intermediate depths in both Lake Erie and Lake Ontario, where
individual mussels had patchy green biofilms on their shells. Low light availability
resulted in very low Dreissena biofilm chlorophyll beyond 20 m in Lake Erie and 30 m in
Lake Ontario. Chl:Pheo on Dreissena was up to three times higher than on sediments at
stations < 40 m in Lake Ontario, suggesting that Dreissena harbor proportionately more
living algae than surrounding soft sediments.
The spatial vector that best predicted Dreissena biofilm chlorophyll in Lake
Ontario showed the greatest chlorophyll at seven sites on the eastern edge of the lake.
These sites, located near the Duck-Galloo Ridge and Mexico Bay, were between 8 – 29
m and had high light availability compared to most of the other sampling locations in the
lake. Dreissena biofilm chlorophyll in Lake Erie was not explained by broad or fine scale
spatial vectors, which may be due to low statistical power give the few sites from which
we collected Dreissena.
When rugosity of Dreissena shells is accounted for, areal chlorophyll on
Dreissena may be comparable to sediment chlorophyll in Lake Erie and Lake Ontario at
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the whole-lake scale. Dreissena grow in structurally complex aggregates (druses) that
blanket submerged hard and soft substrata. The total area of hard substrate created by D.
polymorpha shells in Lake Naroch, Belarus, was equal to 11% of the lake surface area
(Makarevich et al. 2008). D. polymorpha colonization can increase the surface area of
hard substrata by 60% (Ricciardi et al. 1997). Dreissena in the nearshore zones of Lake
Erie and Lake Ontario can reach densities > 4021 individuals m-2 (Karatayev et al. 2018b;
a, 2020). Lake Erie Dreissena density is greatest in shallow littoral waters (10 – 20 m;
Karatayev et al. 2018b), which coincide with high light availability and our greatest
measurements of shell biofilm chlorophyll. Similarly, Lake Ontario Dreissena density is
greatest at < 30 m. However, density at these depths is dominated by individuals < 5 mm
(Karatayev et al. 2020). Based on these densities and our length to surface area
relationship determined for Lake Ontario Dreissena, the maximum littoral surface area of
mussel shells in Lake Ontario and Lake Erie are 1.4x and 1.2x the littoral sediment
surface area, respectively. From the perspective of total algal biomass, the substrate
available for attached algal growth may not differ appreciably between Dreissena shells
and Great Lakes sediments, especially in deeper areas of the littoral zone where
Dreissena are larger.
Algal photosynthesis
Our use of PAM fluorometry was a rapid way to understand sediment and
Dreissena biofilm algal function over large spatial and depth gradients. However, it is
likely that we underestimated sediment ETRMAX due to the methodology we employed.
We induced benthic algal migration onto mesh in order to obtain a solely benthic signal
of sediment photosynthesis, which excluded immotile benthic algae that were present in

83

samples. Additionally, we incubated sediment samples at 40 µmol m-2 s-1, which may
have been too intense for algae collected from stations that received very low light. It was
necessary to measure ETRMAX on the flattest portion of the Dreissena shell near the
siphon so that the fiber optics of the PAM fluorometer could be positioned to exclude
ambient light during measurement. Biofilms were patchily distributed on Dreissena
shells and we were not always able to take measurements on the area of greatest biomass,
which would underestimate Dreissena shell ETRMAX. Though there are limitations to our
measurements, they are novel estimates that help us better understand how Great Lakes
benthic algae function along in-lake gradients.
The decline in ETRMAX with depth indicates that light availability strongly limits
sediment algal photosynthesis in Lake Ontario and Lake Erie. Sediment algal
productivity is greatest at 30 – 75% surface irradiance in small US lakes (Vadeboncoeur
et al. 2014). We estimated sediment and Dreissena shell photosynthesis on samples
collected from sites that experienced <10% surface light, so it is likely that our
measurements represent the low end of Great Lakes sediment primary productivity. Lake
Erie and Lake Ontario experience large variations in light attenuation among their basins
and have higher average light attenuation than the other Great Lakes (Brothers et al.
2016). Our data will help inform future studies of Great Lakes sediment algal
productivity, which should focus efforts on measurements at shallow, sandy locations,
where light availability and substrate are favorable to benthic algal productivity.
Sediment and Dreissena biofilm algal composition
Where light is sufficient, submerged substrata host assemblages of microalgae
that are distinct from phytoplankton. A community of epipelic diatoms (Surirella,
84

Achnanthidium, Gyrosigma) occur in the sediments in Lake Erie and Lake Ontario and
dreissenid mussels in both lakes harbor biofilms of algae that are distinct from their
surrounding sediments. Our results are consistent with Makarevich et al. (2008), who
primarily identified benthic diatoms, chlorophytes, and cyanobacteria on the shells of
Dreissena collected from Lake Naroch, Belarus. We saw distinct structuring of benthic
algal assemblages based on substrate availability in these lakes, with proportionally more
filamentous green algae and cyanobacteria growing on Dreissena than on surrounding
sediments (Table 1). Hard substrate availability can be a limiting factor for filamentous
algae, including nuisance species like Cladophora glomerata (Burkholder 1996; Higgins
et al. 2008). The expansion of Dreissena to the unconsolidated benthic sediments allows
hard substrate specialists to grow in areas they were excluded from before Dreissena
invasion.
Prior to the establishment of Dreissena, sediments in the photic zone of Lake
Michigan were dominated by benthic diatoms, with increasing amounts of settled
phytoplankton with depth (Stevenson and Stoermer 1981; Kingston et al. 1983).
Sediment algal assemblages in the Eastern Basin of Lake Erie were primarily composed
of settled phytoplankton, including Aulacoseira and Stephanodiscus (Carrick 2004),
which are common in the Lake Erie spring diatom bloom (Makarewicz et al. 1999). Both
Carrick (2004) and the present study explored Lake Erie sediment algae in July, well
after the spring diatom blooms subsided. Our findings from both lakes are consistent with
Carrick (2004) and Carrick et al. (2005), who described abundant viable phytoplankton in
Lake Erie sediments. Phytoplankton were present on Dreissena but were less common
than on sediments (Table 3.1). There were large quantities of amorphous detritus and
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broken or empty diatom frustules in most of the sediment samples we observed. The
Chl:Pheo in sediment samples (Figure 3.2a,b) indicates that detritus is more abundant
than living algal biomass in the sediments of Lake Erie and Lake Ontario. While we did
not quantify detritus or algae without visible plastids, it appeared that quantities of both
increased with depth.
The proportion of planktonic taxa in sediment samples increased with depth in
both lakes while Dreissena biofilms were composed of ≥80% and ≥65% benthic algae
across all depths in Lake Erie and Lake Ontario, respectively (Figure 3.5a,b). The
increasing proportion of planktonic algae in the sediments with depth is likely due to light
limitation. Few benthic algae can persist at extremely low light (Cantonati and Lowe
2014), so settled phytoplankton become proportionately more dominant in deep samples.
The increasing proportion of phytoplankton in Lake Ontario Dreissena biofilms with
depth could be due to phytoplankton ejected during selective feeding by Dreissena
(Naddafi et al. 2007; Tang et al. 2014) becoming incorporated into the biofilms. It is
possible that we miscategorized the habitat preferences of the algae we observed, because
many Genera contain both planktonic and benthic species. Although benthic algae were
more abundant than planktonic algae in the sediments, the chains of large planktonic
diatoms likely constitute a greater amount of carbon than the benthic algae at a given site
in Lake Erie and Lake Ontario. However, algae attached to Dreissena shells collected
from both lakes consistently had greater abundances of benthic algae and the few
planktonic taxa we observed were unlikely to contribute more carbon than the benthic
taxa.
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Conclusions
There are active communities of benthic algae in the sediments and growing on
the shells of Dreissena in the littoral zones of Lake Erie and Lake Ontario. Shifts in the
prevalence of different algal taxa due to substrate preferences can have profound impacts
on Great Lakes food webs and biogeochemistry. The expansion of habitat for benthic
filamentous algae by Dreissena shifts the extent to which filamentous algae can persist in
the Great Lakes and could have profound ramifications for energy flow in the littoral
zone. Stable isotope data show that benthic algae fuel Great Lakes wetland food webs
(Keough et al. 1996; Sierszen et al. 2004) and that benthic-derived energy supports
benthic invertebrates (Sierszen et al. 2006) and pelagic fishes (Sierszen et al. 2014). The
sediment algae we observed were primarily diatoms, which are nutritionally superior
(Vadeboncoeur and Power 2017) and more easily digestible (McCullough et al. 1979)
than other algal groups. Consequently, these benthic algal assemblages contribute to
energy flow in Great Lakes littoral and pelagic food webs.
Exploring how sediment and Dreissena shell biofilms are structured and function
in lower nutrient environments, such as northern Lake Michigan and the Georgian Bay
(Lake Huron), will help us better understand the importance of benthic algae to energy
flow in large aquatic systems. Benthic algae contribute more to whole-lake function in
oligotrophic than eutrophic lakes (Vadeboncoeur et al. 2001, 2003). Greater light
availability in the northern Great Lakes could mean a deeper distribution of benthic algae,
which might mean more consumers are using this resource. Our data show that even
in large mesotrophic lakes, there are assemblages of diatoms and other nutritious algae in
littoral sediments. In oligotrophic environments, Dreissena excretion might be more

87

stimulatory to epizooic biofilms because labile nutrients excreted by the mussels could
offset low nutrient availability from the water column. Understanding the fate of
sediment and Dreissena algal carbon will help us better resolve Great Lakes food web
models. By measuring the structure and function of benthic algae on the dominant
substrata in the Great Lakes, we will be better equipped to understand energy flow and
biogeochemical cycles in Great Lakes benthos.
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Table 3.1. Average abundance of planktonic and benthic algal taxa in sediments and growing in biofilms on the shells of Dreissena.
Algae were identified to Genus using light microscopy. We calculated average percent abundance by summing the number of
individuals from each Genus at all sites and dividing by the total number of individuals counted for each lake and substrate. Missing
values indicate that the taxon was not present in any samples.

Division

Taxon

Authority

Planktonic
Chrysophyta
Cyanobacteria
Bacillariophyta

Chlorophyta

Synura
Aphanizomenon
Microcystis
Actinocyclus
Asterionella
Aulacoseira
Coscinodiscus
Cyclotella
Fragilaria
Melosira
small centric diatoms
Stephanodiscus
Synedra
Tabellaria
Tabularia
Thalassiosira
Ulnaria
Actidesmium
Asterococcus
Dictyosphaerium

Ehrenberg
Morren ex Bornet and Flahault
Kützing ex Lemmermann
C.G. Ehrenberg
A.H. Hassall
Twaites
C.G. Ehrenberg
(Kützing) Brébisson
H.C. Lyngbye
Agardh
Ehrenberg
Kützing
Ehrenberg ex Kützing
Kützing
Cleve
Kützing
Reinsch
Scherffel
Nägeli
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Average Abundance (%)
Sediments
Dreissena
Lake Ontario Lake Erie Lake Ontario Lake Erie
0.2
0.06
0.1
2.3
0.2
0.7
0.8
0.2
0.6
5.3
14.5
6.1
1.9
0.4
0.1
2.9
2.8
3.2
0.4
4.8
4.2
3
0.5
2.2
0.2
3.8
1.8
0.8
0.8
4.4
1.4
0.6
1.7
0.08
1.3
3.4
0.6
1.2
0.3
0.6
0.1
0.3
0.3
0.2

Xanthophyta

Pediastrum
Scenedesmus
Merismogloea

Meyen
Meyen
Pascher
sum of planktonic taxa (%)

0.5

0.5

0.9

0.1
0.05

24.8

0.06
33.14

20.5

5.01

0.2
1
0.1

0.2
0.03

Benthic
Cyanobacteria

Bacillariophyta

Aphanocapsa
Chroococcus
Geitlerinema
Gloeocapsa
Komrophoron
Leptolyngbya
Lyngbya
Microcoleus
Oscillatoria
Phormidium
Pseudoanabaena
Schizothrix
sheathed cyanobacteria
small coccoid cyanobacteria
Tychonema
Woronichinia
Achnanthes
Achnanthidium
Amphora
Brachysira
Caloneis
Campylodiscus
Cavinula
Cocconeis
Cosmioneis
Craticula
Cymatopleura
Cymbella
Delicata
Diatoma

Nägeli
Nägeli
Anagnostidis and Komárek
Kützing
Anagnostidis and Komárek
Anagnostidis and Komárek
Agardh ex Gomont
Desmazières ex Gomont
Vaucher ex Gomont
Kützing ex Gomont
Lauterborn
Kützing ex Gomont

Anagnostidis and Komárek
Elenkin
J.B.M. Bory de Saint-Vincent
F.T. Kützing
Ehrenberg ex Kützing
Kützing
Cleve
Ehrenberg ex Kützing
Mann and Stickle
C.G. Ehrenberg
Mann and Stickle
Grunow
W. Smith
C.A. Agardh
K. Krammer
J.B.M. Bory de Saint-Vincent

95

0.9
0.1
0.2
1.2

0.4

0.06

0.2

0.1

0.7
7.3

9.3
3.8

2
0.2
5.1

0.1
0.7

0.05
0.08
0.6
0.1
1.3

0.3
0.1
0.09
8.1
4.9
0.06
0.09
0.8
2.5
2.9
0.08
0.5
0.05
0.05
1

2.7
3.7
5.7

0.6
2.8
3.1
4.9
0.7
0.2
2.2
0.1

8.7
5.4

10.6
8.8

0.4
0.4
6.2

0.1
4.6
2.8
0.03
0.06
0.08

0.6
0.8

0.5

Chlorophyta

Diploneis
Encyonema
Epithemia
Eunotia
Frustulia
Geissleria
Gomphoneis
Gomphonema
Gyrosigma
Hippodonta
Karayevia
Mastogloia
Navicula
Neidium
Nitzschia
Nitzschia sigma
Pinnularia
Placoneis
Planothidium
Pleurosigma
Psammothidium
Rhoicosphenia
Stauroneis
Surirella
Botryococcus
Chlorococcum
Cladophora
coccoid green algae
Desmococcus
Eudorina
Mougeotia
Oedogonium
Spirogyra

Ehrenberg ex Cleve
Kützing
Kützing
Ehrenberg
Rabenhorst
Lange-Bertalot and Metzeltin
Cleve
Ehrenberg
Hassall
Lange-Bertalot, Witkowski and Metzeltin
Round and Bukhtiyarova
Thwaites ex W. Smith
Bory
Pfitzer
Hassall
Kützing
Ehrenberg
Mereschkowsky
Round and Bukhtiyarova
Wm. Smith
Bukhtiyarova and Round
Grunow
Ehrenberg
Turpin
Kützing
Meneghini
Kützing

0.5
2
0.05
0.07
6.7
0.4

Brand em. Vischer
Ehrenberg
Agardh
Link
Link
sum of benthic taxa (%)

1
0.3
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0.5
11.2
0.1

1.4
0.1

1.1
0.05

3.9

8.2
0.9
0.2
0.4
8.8

10.2
0.4

13.1
1.3

1.9
10.9

2
10.5
0.5

7.3
8.8
0.6
0.2
1.5

0.1
5.6
0.1
10.7
0.6
0.3
0.05

7.2
7.5

7
0.05
8.7
0.08

0.2
0.1
0.8

0.07

1.3
0.8
0.1

1.3

2.3

0.5
0.2
0.3

0.4

0.3

0.2

0.2
0.2

66.66

77.95

0.8
1.5
0.08
0.5
0.2
0.08

0.5

74.79

0.3
1
0.2
0.2
94.59

Figure 3.1. Sediment (open circles) and Dreissena shell (closed circles) algal biofilm
chlorophyll a as a function of depth in Lake Erie (a,b) and Lake Ontario (c,d).
Chlorophyll a data are means ± 1 standard error of 3 – 5 replicates from each sampling
site. Note the differences in scales between substrates and lakes.
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Figure 3.2. Ratio of chlorophyll a to pheophytin a for sediments (open circles) and
Dreissena shell algal biofilms (closed circles) as a function of depth in Lake Erie (a) and
Lake Ontario (b,c). Data points are the mean ± 1 standard error of areal chlorophyll :
pheophytin from 3 – 5 replicates from each sampling site. We were unable to calculate
areal pheophytin a on Lake Erie Dreissena shells due to equipment error. Note the
differences in scales between substrates and lakes.
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Figure 3.3. Sediment (open circles and closed triangles) and Dreissena shell (closed
circles) algal biofilm ETRMAX as a function of depth in Lake Erie (a,b) and Lake Ontario
(c). Data are means ± 1 standard error of 3 – 5 replicates from each sampling site. Closed
triangles on sediment plots represent the signal of motile benthic algae obtained by
incubating samples under light and inducing algae to migrate onto Nitex mesh disks
placed on the top of the sediment. We did not collect ETRMAX measurements on Lake
Ontario Dreissena biofilms. Note the differences in scales between substrates and lakes.
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Figure 3.4. Nonmetric multidimensional scaling (NMDS) ordination plots of sediment
(open circles) and Dreissena shell (closed circles) algal biofilm samples from Lake Erie
(a) and Lake Ontario (b). Plots are based on Bray-Curtis dissimilarities of relative
abundance data. Asterisks are placed on the centroids of the space occupied by the
samples from each substrate cluster.
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Figure 3.5. Percent benthic taxa for sediment (open circles) and Dreissena shell (closed
circles) algal biofilm samples as a function of depth in Lake Erie (a) and Lake Ontario
(b). Data are means ± 1 standard error of 2 – 3 replicate counts of algae with plastids
from each sampling site and substrate. Taxa were resolved to Genus and categorized as
either planktonic or benthic based on the global algal database algaebase.org and Wehr et
al. (2015).
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Figure 3.6. Biofilms growing on living Dreissena collected in Lake Erie and Lake
Ontario. a) Amorphous, transparent biofilms on Dreissena collected from 20 m in the
Eastern Basin of Lake Erie. b) A thin, green and golden biofilm covers the shell of a
dreissenid collected from 17 m in Lake Ontario as viewed under a dissecting microscope.
c) Filamentous green algae with associated diatom epiphytes from a Dreissena sample
from Lake Ontario viewed under a light microscope. d) Sheathed filamentous
cyanobacteria from a Dreissena sample collected from Lake Erie viewed with a light
microscope.
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Chapter 4: Depth-specific fractionation of 15N in benthic primary producers and
consumers in the lower Laurentian Great Lakes
Introduction
The food webs of large lakes are complex and structured by depth, and mobile
predators forage within and among pelagic, littoral and profundal habitats (Sierszen,
Peterson & Scharold, 2006). Stable isotopes of carbon and nitrogen elucidate food web
structure and feeding relationships, but only if dominant basal resources such as
phytoplankton and benthic algae have distinct isotopic signatures. Periphyton growing in
high productivity, shallow habitats is substantially more enriched in 13C than
phytoplankton, but benthic and planktonic primary producer signatures converge with
depth because benthic algal discrimination against 13C increases as productivity declines
(Devlin, Vander Zanden & Vadeboncoeur, 2013). Additionally, δ15N of benthic primary
consumers often increases with depth, though the mechanism driving this increase is
poorly resolved (Vander Zanden & Rasmussen, 1999; Sierszen et al., 2006, 2014). These
progressive and predictable spatial variations in isotopic signatures complicate
delineation of lake food web structure, especially in large lakes where top predators may
exploit resources from many or few habitats (Vander Zanden and Vadeboncoeur 2002).
Managers can use stable isotopes to understand the food web supporting the commercial
and recreational fisheries in the Laurentian Great Lakes, but doing so requires careful
interpretation of variation in baseline isotopic signatures
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(Sierszen et al. 2014). We explored coupled spatial variation in phytoplankton and
periphyton isotopic signatures in Lake Erie and Lake Ontario by analyzing the bodies of
dreissenid mussels and algae attached to their shells, and we detected a strong signal of
microbially-mediated N cycling in the isotopic signature of this widespread primary
consumer.
Bivalve and gastropod mollusks are often used to establish baseline δ13C in
aquatic ecosystems because they consume algae. Benthic mussels are relatively longlived and integrate the carbon signal of phytoplankton food over seasons or years. In the
lower Laurentian Great Lakes, Dreissena are found at most depths (Fleischer, DeSorcie
& Holuszko, 2001; Burlakova et al., 2018) and on all major substrates (Bially and
MacIsaac 2000). Dreissenid mussels filter phytoplankton, and their shells foster biofilms
of attached algae and bacteria (Makarevich, Mastitsky & Savich, 2008; Svenningsen et
al., 2012). Thus, carbon isotopic signatures collected from this single consumer can
provide a baseline to assess the reliance of higher trophic levels on phytoplankton-based
food chains relative to food chains based on littoral benthic algal production.
Phytoplankton δ13C in lakes is typically near -28‰, but methanotrophs in the seston or a
reliance on respired CO2 for photosynthesis can generate more negative carbon signatures
(Rau, 1980; Fry, 2006). Benthic biofilms are dominated by phototrophs in well-lit
environments. Boundary layers reduce the diffusion of CO2 to the algae, causing benthic
algae to discriminate less against 13C relative to phytoplankton (Hecky & Hesslein,
1995). Therefore, benthic algae typically possess δ13C in the range of -5 ̶ -25‰ (Devlin
et al. 2013), although they can become more depleted (< -30‰) in turbulent or lownutrient environments (Finlay 2004). Primary consumer tissue is enriched in 13C < 1‰
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relative to their food. Thus, mixing models can assess the relative importance of benthic
to planktonic algae to higher trophic levels if separation between basal resources is
sufficient (Vander Zanden et al. 2011).
Consumer δ15N signatures are enriched ~3.4‰ relative to their food, but depthspecific variation in baseline (primary consumer) 15N complicates determination of
trophic position (Vander Zanden & Rasmussen, 1999, 2001). For instance, δ15N of a
benthic amphipod, Diporeia, increased by ~6‰ over a 300 m depth gradient in Lake
Michigan and this was attributed, in part, to decomposition of phytoplankton as it settled
through the water column (Sierszen et al. 2006). As POM sinks, it often becomes
enriched in 15N due to preferential assimilation of light isotope by microbial decomposers
(Saino & Hattori, 1980; McCusker et al., 1999; Kumar, Finlay & Sterner, 2011).
However, in Lake Constance, a similar increasing trend in δ15N of dreissenid mussels
cultivated on ropes in the pelagic zone could not be explained by diagenesis of
phytoplankton (Yohannes et al. 2014). Rather, the difference between the δ15N of POM
and dreissenids increased with depth (Yohannes et al. 2014), and the authors attributed
the variation in δ15N in mussels to temperature. Animals living in warm water have
higher metabolism, growth rates and tissue turnover than their counterparts living in cold
water. Rapid tissue turnover rates enrich consumer 15N because rapidly growing animals
discriminate less against heavy isotopes (Vander Zanden & Rasmussen, 2001; Li, Roth &
Detwiler, 2018) which would enrich consumer δ15N. These plausible, largely conjectural,
physiological and dietary explanations of depth-specific variation in consumer δ15N
neglect the possibility that benthic invertebrates increase nitrogen cycling at the sediment
water interface (Seif 2013).
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Evidence is increasing that benthic bivalves support microbial communities that
are active in nitrogen cycling (Svenningsen et al., 2012; Heisterkamp et al., 2013).
Mussels live in sediments and shunt organic matter from the plankton to the lake bottom
(Hecky et al., 2004). This organic loading fuels microbial respiration, lowering oxygen
concentrations in the sediments (Brune, Frenzel & Cypionka, 2000). However, infaunal
burrowing, biological convection of water by filtering, and benthic algal photosynthesis
maintains an oxygenated microlayer at the surface of the sediments. Microbially
mediated transformation of nitrogen affects isotopic fractionation. Nitrogen fixation, the
conversion of N2 gas to NH3, results in near 0‰ 15N because light isotope from the
atmosphere is preferentially used in the reaction (Goericke, Montoya & Fry, 1994).
Nitrification, which occurs in oxic zones, leaves an 15N enriched pool of ammonium
through preferential use of 14N. Nitrification involves ammonification of organic matter,
ammonia oxidation, and nitrite oxidation. Fractionation at each of these steps typically
results in ammonium enrichment between 12 and 29‰ (Lehmann et al. 2004, Alkhatib et
al. 2012). Similarly, denitrification, the microbially mediated reduction of nitrate to inert
N2 gas fractionates N and elevates residual 15NO3 through the release of 14N2 (Mariotti,
Leclerc & Germon, 1982; Böttcher et al., 1990). The key enzymes that perform
denitrification require low oxygen conditions (Zumft, 1997; Seitzinger et al., 2006),
therefore limiting denitrification to suboxic environments, like lake sediments with high
organic content (Seitzinger, 1988; Boedecker et al., 2020). Marine and freshwater
bivalves excrete N in the form of ammonium (Arnott & Vanni, 1996), supporting
nitrifying bacteria on their shells (Svenningsen et al., 2012; Heisterkamp et al., 2013),
and supporting denitrifying bacteria in their guts (Winters, Marsh & Faisal, 2011; Arfken
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et al., 2017; Ray, Henning & Fulweiler, 2019). Thus, natural abundances of 15N may
provide clues to the effects of dreissenids on N cycling at the sediment-water interface.
In this study, we measured the C and N isotopic signatures of Dreissena mussels,
biofilms attached to Dreissena and sediments along broad depth gradients in Lake Erie
and Lake Ontario. Invasive Dreissena (zebra and quagga) mussels provide a unique
opportunity to explore depth-specific isotopic variation in two primary producers using a
single primary consumer. Our goal was to determine isotopic variability of a ubiquitous
Great Lakes primary consumer (the quagga mussel, Dreissena rostriformis bugensis),
associated attached algal biofilms and sediment biofilms across broad spatial and depth
gradients. These three groups reflect the major bases for primary production in Great
Lakes food webs and are the most common basal endmembers used in Great Lakes
mixing models. We hypothesized that C isotopic signatures of Dreissena would reflect
particulate organic matter and remain constant with depth, while associated biofilm
isotopic signatures would mirror the benthos and become depleted in 13C with depth,
consistent with declines in photosynthesis due to light attenuation. Additionally, we
hypothesized that N isotopic signatures of Dreissena would become enriched with depth,
as is seen for other Great Lakes invertebrates (Sierszen et al. 2006, 2014), but that the
biofilms attached to Dreissena would vary little with depth. This study is meant to
provide preliminary data on isotopic variability of Great Lakes consumers and producers
with depth.

107

Materials and Methods
Study Design
We measured the 13C and 15N stable isotopic signatures of Dreissena, algal
biofilms attached to Dreissena and algal biofilms growing on sediments across broad
depth gradients in Lake Ontario and Lake Erie. In Lake Erie, we also measured the
isotopic signatures of seston collected from surface water and 2 m above the sediments.
Sampling occurred as part of the Cooperative Science and Monitoring Initiative (CSMI)
lake-wide surveys in September 2018 (Lake Ontario) and July 2019 (Lake Erie) aboard
the United States Environmental Protection Agency research vessel Lake Guardian. A
primary goal of the lake surveys was to quantify zoobenthic biomass and diversity (see
Karatayev et al., 2020). We collected sediment core samples and Dreissena mussels from
benthic Ponar grabs separate from the zoobenthos samples at 38 sites throughout Lake
Ontario and 44 sites in Lake Erie. Sites in Lake Ontario span 8 – 228 m depth and sites in
Lake Erie span 9 – 38 m depth.
Light and water chemistry
At each site, water chemistry data were measured near the lake bottom (2 m above
the sediments) using a Sea-Bird multi-parameter profiler and sensors. These included
temperature, dissolved oxygen (mg/L), conductivity (S/m2), beam transmittance and
relative fluorescence units. Surface and submersible PAR sensors equipped to the profiler
captured light measurements during daytime casts. We used PAR data to calculate the
light attenuation coefficient Kd. At sites where we were unable to calculate Kd, we used
the R packages sp (Pebesma & Bivand, 2005; Bivand, Pebesma & Gomez-Rubio, 2013)
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and rgeos (Bivand & Rundel, 2020) to match to the nearest neighboring site (based on
GPS coordinates) with a calculated Kd value.
We collected water from 2 m below the water surface and 2 m above the
sediments to obtain bulk seston samples at 17 sites in Lake Erie. We pre-filtered the
water through a 250 µm plankton net to exclude zooplankton from the sample. Water was
then filtered through pre-combusted (500°C for 2 hr) PALL A/E (Port Washington, NY,
U.S.A, 1 µm pore size; 47 mm) glass fiber filters and stored at -20°C until analysis.
Benthic sampling
Sediment samples were collected from drained Ponar grabs (sampling area
0.0523 m2). Cores (n = 5) of the top 0.5 cm of sediment were collected using a
polyacrylic sampler (inner diameter = 2 cm) and stored in glass vials. Sediment samples
were immediately frozen at -20°C until processing. All Dreissena present in Ponar grabs
were rinsed of sediment and retained. Dreissena collected during the Lake Ontario
sampling were frozen whole at -20°C until processing. Dreissena collected during the
Lake Erie sampling were placed in filtered (1 µm) lake water for 24 hr to expel gut
contents before storage at -20°C.
Sample processing
Using a dissecting microscope, we removed biofilms from 3 – 5 Dreissena shells
from each sampling site with a scalpel. Shell fragments and periostracum were removed
from the sample. After measuring the length and width the shell, we dissected Dreissena
from their shells and removed shell fragments and periostracum from the tissue sample.
We removed the digestive tract of Lake Ontario mussels, but allowed the Lake Erie
mussels to clear their guts in filtered water.
109

All samples were frozen, freeze-dried (VirTis Model 6K, Gardiner, NY, U.S.A)
and ground to a fine powder. We composited site replicates by adding subsamples of
each homogenized replicate to a new glass vial. Samples of sediments, algal biofilms and
seston were then acidified, rinsed using ultrapure water and freeze-dried. For sediments
and algal biofilms, carbonates were removed from dried samples by adding drops of 1N
HCl until the fizzing stopped. Individual freeze-dried seston filters were fumed over 12 N
HCl in a desiccator for 24 hr. We packed 1.0 – 4.0 mg algal biofilm, 0.5 – 3.5 mg
Dreissena tissue, 5.0 – 20.0 mg sediment, and one quarter or one half of the portion of
the filter retaining seston into tin capsules for isotope analysis.
Stable isotope analysis
Samples were analyzed for δ13C and δ15N using a Thermo Delta V isotope ratio
mass spectrometer (Thermo Fisher Scientific Inc., Waltham, MA, U.S.A.) interfaced to a
NC2500 elemental analyzer at the Cornell University Stable Isotope Laboratory. We
analyzed 38 sediment samples, 12 Dreissena biofilm samples and 26 Dreissena tissue
samples from Lake Ontario. We analyzed 44 sediment samples, 19 Dreissena biofilm
samples and 22 Dreissena tissue samples, 17 surface and deep seston samples and 9
samples from 3 taxa of non-dreissenid invertebrates from Lake Erie. Sample duplicates
were run on approximately 5% of sediment samples and approximately 10% of Dreissena
tissue, Driessena biofilm and filtered samples. Samples from each lake were analyzed on
separate runs. The analytical error from Lake Ontario samples, expressed as the standard
deviation of the stable isotope values of replicate analyses of reference materials, was
0.14 for δ13C and 0.16 for δ15N for sediments (buffalo standard) and 0.08 for δ13C and
0.04 for δ15N for Dreissena (deer standard). The analytical error from Lake Erie
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sediments was 0.07 for δ13C and 0.18 for δ15N for sediments and 0.04 for δ13C and 0.08
for δ15N for Dreissena. The isotopic composition of samples was expressed using
conventional δ notation: δ13C or δ15N (‰) = [(Rsample/Rstandard) - 1] x 1000, where R is
13

C/12C or 15N/14N for the sample or standard, with Vienna Pee Dee Belemnite as the

standard for C and atmospheric N2 as the standard for N.
Data analysis
We used regression analysis to determine how δ13C and δ15N of Dreissena, shell
biofilms and sediment biofilms changed with depth and between lakes. We included
depth, lake and depth*lake as factors in the regression. Depth was log10-transformed to
meet assumptions of normality.
We regressed δ13C and δ15N of Lake Erie Dreissena on seston collected below the
surface and from 1 m above the sediments. We determined the difference in δ15N of
Dreissena and deep seston and regressed that difference on sample depth. All regressions
were conducted in R (v. 4.0.2).
Results
In both lakes, all Dreissena collected from Ponar grabs were D. rostriformis
bugensis (Andrusov; quagga mussels). We analyzed mussels that were representative of
the average size class found at each sampling site. In Lake Erie, sampled mussel shell
length ranged from 14 – 35 mm, and in Lake Ontario, shell length ranged from 16 – 27
mm. These size ranges correspond to > 1 yr old adults (Karatayev et al., 2014). Biofilms
were composed of short filaments of algae and tightly adhering diatoms and
cyanobacteria. Biofilms were thickest in shallow waters and became thin and patchy with
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depth. In both lakes, sediments collected in shallow waters appeared to have a high
proportion of sand, while sediments from deeper sites were dominated by silt and mud.
Patterns of stable carbon isotopes with depth
In Lake Erie, mean Dreissena δ13C was slightly more negative and more variable
(-27.5 ± 1.5‰; Figure 4.1A) than in Lake Ontario (-26.7 ± 0.7‰; Figure 4.1B).
Dreissena collected from shallow depths in the Western Basin of Lake Erie had the most
positive δ13C. The model that best explained Dreissena δ13C included depth, lake and the
interaction of the variables as predictors (Table 4.1).
Algal biofilm was enriched in 13C compared to Dreissena tissue and generally
decreased with depth. In Lake Erie, mean biofilm δ13C was -22.9 ± 3.3‰ and ranged
from -15.2‰ – -25.8‰ (Figure 4.1A). Mean biofilm δ13C was -18.0 ± 4.7‰ and ranged
from -11.6‰ – -25.8‰ in Lake Ontario (Figure 4.1B). Variation in biofilm δ13C was best
explained by depth and lake, but the interaction of those variables was not significant
(Table 4.1).
Lake Erie sediment δ13C varied between -28.7‰ – -1.6‰ and became slightly
more depleted with depth (Figure 4.1A). Lake Ontario sediment δ13C became
increasingly depleted with depth down to 50 m (Figure 4.1B). Beyond 50 m, Lake
Ontario sediment δ13C varied little. Variation in sediment δ13C was best explained by
depth alone (Table 4.1).
Patterns of stable nitrogen isotopes with depth
Stable nitrogen isotopic signatures of Dreissena and biofilms growing on
Dreissena varied markedly with depth. Lake Erie Dreissena δ15N varied from 5.6‰ –
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11.6‰ across a 30 m depth gradient (Figure 4.2A). δ15N of Dreissena collected from
Lake Ontario varied from 8.2‰ – 18.9‰ between the shallowest (8 m) and deepest (228
m) sites (Figure 4.2B). Dreissena δ15N was strongly related to depth of sampling and this
relationship was consistent in both lakes (r2= 0.92, F[1,44] = 497.2, p < 0.001; Table 4.1).
There were more modest 15N enrichments of algal biofilms, which ranged from
6.9‰ – 11.1‰ in Lake Ontario and 5.7‰ – 11.4‰ in Lake Erie (Figure 4.2A,B). Algal
biofilms were only present on Dreissena from 8 to 58 m in Lake Ontario and from 8 to 37
m in Lake Erie. Biofilm δ15N was best predicted by sampling depth (r2= 0.44, F[1,30] =
25.1, p < 0.001; Table 4.1) and this relationship was consistent between lakes.
Lake Ontario sediment δ15N increased with depth from 8 – 60 m (mean ± SD =
5.7 ± 1.8‰; range = 0.3‰ – 8.2‰), after which it remained consistent (Figure 4.2B).
Aside from one very depleted sample (0.3‰) at 19 m, Lake Erie sediment δ15N increased
from 2.9‰ – 7.9‰ from 8 – 37 m (Figure 4.2A). The model that best predicted sediment
δ15N included depth, lake and the interaction of the variables as predictors (Table 4.1).
Relationships between Lake Erie seston and Dreissena
Lake Erie surface seston δ13C ranged from -21.2‰ – -30.4‰, while deep seston
ranged from -22.7‰ – -31.1‰. There was one station in the Western Basin of Lake Erie
with highly enriched surface seston (-8.8‰). Seston collected 1 m above the sediments
was, on average, 0.77‰ more negative in 13C than seston collected from 2 m below the
surface. At sites where we had samples for both Dreissena and deep seston, there was a
strong, positive relationship between their 13C signatures, with Dreissena on average
0.15‰ more positive than deep seston. The slopes of these relationships were not
significantly different from 1. Lake Erie deep seston δ13C was lower than surface seston
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δ13C (r2= 0.26, F[1,16] = 6.96, p = 0.01). Surface seston δ15N from Lake Erie ranged from
3.0‰ – 7.3‰, while deep seston δ15N was lower, ranging from 1.2‰ – 6.1‰.
Both surface (r2= 0.61, F[1,5] = 10.5, p = 0.02) and deep (r2= 0.63, F[1,8] = 16.3, p <
0.01) seston δ13C were significantly related to Dreissena δ13C. When δ15N of surface
seston at a site was regressed on δ15N of deep seston, the R2 was 0.02, indicating no
relationship between seston at the surface and at depth (p > 0.05). There was no
relationship between δ15N from Lake Erie Dreissena and surface seston (p > 0.05).
However, there was a significant negative relationship between Lake Erie Dreissena δ15N
and deep seston (r2= 0.61, F[1,5] = 10.2, p = 0.02). We determined the difference in δ15N
of Dreissena and deep seston along the sampled depth gradient, which showed an
insignificant (p > 0.05) trend of an increasing difference in δ15N with depth (Figure 4.4).
Discussion
The cosmopolitan distribution of Dreissena in the lower Great Lakes allowed us
to explore spatial and depth-specific variation of a single primary consumer among large
lakes that span wide nutrient and depth gradients. Spatial patterns in δ13C of mussels and
biofilms reflected expected patterns of primary producers and consumers associated with
photosynthesis and dietary fractionation, but patterns in δ15N did not. In Lake Erie, the
consistency between mussel δ13C and seston δ13C affirmed a plankton diet. Biofilms on
mussels were more enriched in 13C than mussel tissue, and biofilm 13C declined with
depth. These results suggest that attached algae are a substantial component of mussel
shell biofilms and that attached algal photosynthesis declines with depth. However, δ15N
of Dreissena tissue was 1 – 6 ‰ higher than its putative resource, seston, in Lake Erie.
Dreissena tissue 15N increased markedly with depth in both lakes, meaning that
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Dreissena either fractionate their food differently with depth or that N transformations
and energy use in and on Dreissena change with depth. Three possible explanations for
the δ15N enrichment with depth are: 1) mussels experienced increasing nutritional stress
with depth, 2) age or energy allocation due to spawning affect mussel 15N, and 3) mussel
guts and biofilms are active sites of microbial N cycling.
Carbon isotopic variability with depth
Dreissena are primary consumers that filter phytoplankton, and their tissue was
similar to the δ13C of seston in Lake Erie. δ13C of mussels integrate phytoplankton
isotopic signatures over time, and in Lake Erie, mussel δ13C were better correlated with
deep seston signatures. This pattern suggests that the small decrease in seston δ13C with
depth is probably common throughout the year or at least growing season. Attached algae
become enriched in 13C when high rates of photosynthesis deplete CO2 in the biofilm
matrix and the resulting demand for inorganic carbon reduces algal discrimination against
C (Finlay, 2001; Hill, Fanta & Roberts, 2008). In both lakes, periphyton δ13C on
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mussels declined from -12‰ at <12 m to -28‰ at greater than 30 m. The 15‰ variation
in δ13C between 8 and 50 m is consistent with decreasing algal biomass and productivity
with depth. Despite this variation with depth, biofilm δ13C on mussels was always more
positive than the phytoplankton signal derived from either deep seston or the mussels.
Thus, the mussels and their biofilms are a viable tool for using isotopes to differentiate
between carbon fixed by attached and planktonic algae in these large lakes, but baseline
correction for isotopic variation with depth is necessary (Sierszen et al. 2006, 2014).
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Dietary drivers of increases in Dreissena δ15N with depth
Collection depth was a strong predictor of Dreissena and algal biofilm δ15N in
both lakes, and the range of δ15N was far greater than the ~ 3.4‰ associated with trophic
fractionation of nitrogen. We found no evidence that the increase in δ15N reflected
diagenesis of the mussels’ food source. There was no 15N enrichment of Lake Erie seston
over the sampled depth gradient (8 – 38 m), and the difference between seston δ15N and
mussel δ15N increased with depth. Future assessments should compare surface and deep
seston in Lake Ontario, which is 180 m deeper than Lake Erie and is more likely to
exhibit isotopic differences due to degradation. Owing to lack of data, we cannot rule out
seston diagenesis as the driver of depth-specific changes in mussel δ15N in Lake Ontario,
but the Lake Erie data suggests that the depth pattern is driven by other processes.
We expected Dreissena, as a primary consumer, to have δ15N up to 3.4‰ higher
than seston δ15N (Vanderklift and Ponsard 2003), but mussel bodies were up to 8.8‰
higher than its food source in Lake Erie. Furthermore, in Lake Erie and Lake Ontario,
mussel δ15N increased substantially with depth, and the 11‰ difference in Dreissena
δ15N is equivalent to almost three trophic levels occurring in a single primary consumer
species. Although, consumer N fractionation increases as food quality declines (Adams &
Sterner, 2000; Trochine et al., 2019), the quality of seston based on C:N (seston C:N =
5.2 – 6.8), did not vary substantially with depth. Furthermore, Dreissena δ15N was not
correlated with seston C:N, making food quality alone unlikely to explain the increase in
mussel δ15N with depth. In the Laurentian Great Lakes, the relationship between shell
length and body mass declines with depth, as D. r. bugensis that live at great depths
(“profunda” morphotype; Dermott & Munawar, 1993) typically have thinner shells and
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lower body mass (Nalepa et al., 1993; Nalepa, Fanslow & Pothoven, 2010; Glyshaw et
al., 2015). Dreissena living at great depths may be starved for nutrients for part of the
year (Glyshaw et al. 2015, Karatayev et al. 2018), which could induce protein catabolism.
However, D. polymorpha is highly resistant to starvation (Mcmahon, 1996; Baines,
Fisher & Cole, 2007) and it is likely that D. r. bugensis is equally so. Furthermore,
starvation would be more likely during the winter months rather than late summer and
early fall when we sampled. While we cannot rule it out, catabolism is unlikely to explain
the observed 15N enrichment in Dreissena with depth.
In Lake Constance, lower isotopic turnover in cold-dwelling mussels was
attributed to a negative correlation between D. polymorpha δ15N and water temperature
(Yohannes, Franke & Rothhaupt, 2014). Temperature-dependent growth rates have also
explained zooplankton δ15N enrichment in laboratory studies that control food source but
vary temperature (Power, Guiguer & Barton, 2003). In large lakes, temperature covaries
with depth, but temperature rarely exhibits the linear variation in depth exhibited by
Dreissena δ15N in Lake Erie and Lake Ontario. For example, at the time of our 2018
sampling of Lake Ontario, temperature at the sediments was approximately 4°C at all
sites with depth ≥ 51 m. Despite the constant temperature below 51 m, Dreissena δ15N
varied from 11.2‰ to 18.9‰ and this variation was strongly correlated with depth.
Similarly, Lake Erie Dreissena δ15N varied by 4‰ from sites where water temperature
was between 19°C and 22°C. Thus, temperature alone cannot explain the enrichment in
δ15N enrichment that occurs across small temperature ranges in both lakes.
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Microbial N cycling
Dreissena tissue 15N enrichment: gut microbiome denitrification
Denitrification studies on Dreissena and oyster beds shows that bivalves can be
hotspots of microbial N cycling. Denitrification is higher in Dreissena beds than in
nearby sediments (Bruesewitz et al., 2006; Bruesewitz, Tank & Hamilton, 2009; Benelli
et al., 2019). Eastern oyster (Crassostrea virginica) reefs in marine environments are
local hotspots of denitrification (Hoellein, Zarnoch & Grizzle, 2015), and evidence
suggests that the animal itself is the site of denitrification (Smyth, Geraldi & Piehler,
2013). In a mesocosm study, N2 flux was dominated by denitrification when living
oysters (lacking shell biofilms) were used (Smyth et al., 2013). In contrast, empty shells
with attached biofilms were active sites of N2 fixation (Smyth et al., 2013). Potential sites
of denitrification include the oyster gills, digestive system and mantle cavity (Winters,
Marsh & Faisal, 2011; Svenningsen et al., 2012; Ray, Henning & Fulweiler, 2019; see
below for N cycling in shell biofilms). Whether denitrifying microorganisms live in the
anoxic guts or are part of the gill or mantle microbiome, bivalve 15N signatures should
increase if they assimilate organic N that has been processed by denitrifying microbes.
Molecular evidence indicates that Dreissena support a rich assemblage of
denitrifying bacteria and are active sites of denitrification (Winters et al., 2011;
Svenningsen et al., 2012). Taxa from the Rhodobacterales, which include denitrifying
bacteria, occur in D. polymorpha guts, gills and mantle cavity fluid (Winters et al., 2011).
The NO3- reductase genes used in denitrification (nirK and nirS) occur in D. polymorpha
guts (Svenningsen et al., 2012). Gene copies of nirS from Dreissena guts were associated
with Alphaproteobacteria, including taxa from the Rhodobacterales, such as Rhodobacter
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sphaeroides (Svenningsen et al., 2012). Although Winters et al. (2011) did not quantify
nirS gene copies, it is likely that these Dreissena also foster active denitrifying
assemblages based on the denitrifying taxa found in their microbiome. Similarly, eastern
oysters harbor denitrifying taxa in their digestive systems (Arfken et al., 2017; Ray et al.,
2019). Filter and deposit-feeding invertebrates have high denitrification potential because
of the quantity of denitrifying microbes they ingest (Stief et al., 2009). In benthic
ecosystems with sufficient organic matter, such as Lake Erie and Lake Ontario, the
anoxic guts of bivalves are a prime habitat for denitrifiers, and subsequent 14N2 release by
denitrification.
Biofilm 15N enrichment: coupled nitrification-denitrification
The increasing enrichment of biofilm 15N with depth in both lakes suggests the
mussel shells are also active sites of denitrification. We found no published studies that
measure Dreissena shell biofilm denitrification directly. However, Svenningsen et al.
(2012) report maximum N2O flux, a precursor to N2 and the penultimate step of
denitrification, from D. polymorpha shell biofilms at 1.44 x10-4 μmol N2O individual-1 hr1

. The microbial biofilm on the shell accounted for approximately 25% of total N2O

emissions from the animal. Biofilms growing on marine mollusks also have high
denitrification potential. Shell biofilms contributed between 18 and 32% of total N2O
emissions from gastropods, and the shell biofilms of blue mussel (Mytilus edulis)
accounted for 94% of total N2O emissions from the animal (Heisterkamp et al., 2013).
Biofilms on individual marine oysters had denitrification rates between 0.23 and 1.14
μmol individual−1 hr−1 (Caffrey, Hollibaugh & Mortazavi, 2016; Arfken et al., 2017).
However, Ray et al. (2019) reported no N2 flux from eastern oyster shell biofilms. These
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data demonstrate that the shell biofilms of marine and freshwater mollusks are active
sites of denitrification, which can enhance biofilm 15N through the removal of 14N2.
The presence of photosynthesizing attached algae could limit denitrification
potential and 15N enrichment of Dreissena biofilms because oxygen suppresses
denitrification. However, light limitation causes photosynthesis rates to decline with
depth in thick biofilms, which results in a steep oxygen gradient between the surface and
base of biofilms. Thus, shell biofilms often support coupled nitrification-denitrification
(Eriksson, 2001; Teissier et al., 2007). NO3- produced through nitrification in the oxic
surface diffuses to the anoxic base of the biofilm, fueling denitrification (Teissier et al.,
2007; Virdis et al., 2011; Suarez et al., 2019). Both nitrification and denitrification
occurred in the empty shells of blue mussels and marine gastropods incubated under low
light, contributing 43 and 57% to shell biofilm N2O production, respectively
(Heisterkamp et al., 2013). The supply of NO3- from nitrification or from the animal that
hosts the biofilm supports denitrification and, ultimately,15N enrichment in mixed
autotrophic-heterotrophic biofilms. NH4+ excreted as a waste product by Dreissena is a
labile source of reduced N that can be used by biofilm autotrophs and heterotrophs, with
transformation of NH4+ further enriching biofilm 15N.
DNA metabarcoding of shell biofilms indicate that marine and freshwater
bivalves are hotspots for coupled nitrification-denitrification in aquatic environments.
The critical nitrification gene amoA has been detected in the shell biofilms of D.
polymorpha and putative nitrifying taxa, like Nitrosomonas and Nitrospira, are abundant
in the shell biofilms and digestive systems of D. polymorpha (Svenningsen et al., 2012).
Rhodobacteraceae were more abundant in Lake Erie Dreissena biofilms than in
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surrounding sediments (Katona and Vadeboncoeur, unpublished data). Future studies that
quantify nitrification and denitrification gene copies, along with N flux measurements or
transcriptomic investigations, will help resolve the importance of microbes capable of N
transformations to the biogeochemistry of Dreissena shell biofilms.
Although coupled nitrification-denitrification can occur on Dreissena throughout
the euphotic zone, the autotrophic component of the biofilm will decline with depth
owing to increasing light limitation. The reduction in biofilm-generated oxygen
production with depth will attenuate nitrification. Below the euphotic zone, Dreissena
biofilms would be strictly heterotrophic and may have even greater denitrification
potential. Thus, the rate of nitrification relative to denitrification in the biofilm is
expected to decrease with depth, which increases biofilm δ15N enrichment with depth.
We were unable to obtain enough material for stable isotope analysis of Dreissena
biofilms below the photic zone. Future assessments should explore the possibility of
pooling the thin, heterotrophic biofilms from profundal Dreissena to verify that biofilm
15

N enrichment continues beyond the photic zone.

Implications for N cycling and food web analysis
The δ15N enrichment with depth that we documented in both algal biofilms and
Dreissena span the equivalent of nearly three trophic levels (Vander Zanden &
Rasmussen, 2001). This level of variability in a primary producer and primary consumer
within a single lake can have profound implications when constructing stable isotope
mixing models using these organisms as endmembers. Other studies have noted the
importance of addressing differences in δ13C and δ15N of benthic consumers that occur
over in-lake gradients (Sierszen et al., 2006; Cummings & Schindler, 2013; Zimmer et
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al., 2020). Dreissena and their attached biofilms could be useful baselines for isotope
studies, but samples collected over depth gradients should be treated as separate sources
in food web mixing models.
We propose that the marked enrichment of δ15N in both biofilms and Dreissena
are the cumulative results of lake physicochemical characteristics, metabolic processes
and microbially mediated N cycling. In particular, we highlight the importance of
denitrification in the guts of Dreissena and coupled nitrification-denitrification in
biofilms attached to Dreissena for variation in isotopic signatures with depth (Figure 4.5).
Dreissena are a source of NH4+, which may further stimulate biofilm transformations of
N and contribute to biofilm 15N enrichment. Enrichment of δ15N with depth has been
documented for a variety of other Great Lakes taxa, including crustaceans (Sierszen et
al., 2006) and fishes (Sierszen et al., 2014). It is likely that the processes we propose also
contribute to the N enrichment of these other organisms. Future studies must unravel the
mechanisms underpinning 15N enrichment with depth in Dreissena and other organisms.
Direct measurements of nitrification and denitrification from Dreissena and empty
Dreissena shells will help us better understand the Great Lakes N cycle. Denitrification
occurring inside and on the shells of Dreissena is an unexplored, yet potentially major, N
flux in the Great Lakes that should be integrated into whole-lake biogeochemical models.
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Table 4.1. Regression statistics for isotopic signatures of Dreissena, biofilms growing on
Dreissena and sediment in Lake Erie and Lake Ontario. Depth data were log10(x)transformed for both lakes. Initial models included depth, lake and depth*lake
interaction. Variables that were not significant were removed from models which were
subsequently run without those terms. ns = variable not significant in the model.

Model parameters
Isotope
δ C

Type

Intercept

Depth

Lake

Depth*
Lake

df

F

R2

p

Dreissena

-22.49

-4.09

-3.94

3.93

3,42

6.8

0.28

<0.001

biofilm
sediment
Dreissena

-9.95
-7.07
0.55

-10.53
-7.28
0.32

4.75
ns
ns

ns
ns
ns

2,28
1,80
1,44

18.2
14.1
497.2

0.53
0.14
0.92

<0.001
<0.001
<0.001

biofilm
sediment

0.69
-0.13

0.2
4.81

ns
3.38

ns
-2.34

1,30
3,77

25.1
29.8

0.44
0.52

<0.001
<0.001

13

δ15N
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Figure 4.1. Distribution of organism δ13C with depth in Lake Erie (A) and Lake Ontario
(B). Each point represents a composite of each organism collected from each sampling
site. Dreissena (black circles) represent the muscle tissue of D. bugensis and should
reflect their primary energy source (phytoplankton), periphyton (open circles) represent
the attached algal biofilms scraped from the shells of Dreissena and sediments (grey
circles) represent algal biofilms sampled from the top 5 mm of sediment. Note the
difference in depth between the two lakes.
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Figure 4.2. Distribution of organism δ15N with depth in Lake Erie (A) and Lake Ontario
(B). Each point represents a composite of each organism collected from each sampling
site. Dreissena (black circles) represent the muscle tissue of D. bugensis, periphyton
(open circles) represent the attached algal biofilms scraped from the shells of Dreissena
and sediments (grey circles) represent algal biofilms sampled from the top 5 mm of
sediment. Note the difference in depth between the two lakes.
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Figure 4.3. Relationship of organism δ15N and depth in Lake Erie (A) and Lake Ontario
(B) based on linear regression. Dreissena, periphyton and sediment biofilm δ15N become
enriched with depth in both lakes. Each point represents the isotopic signature of 3 – 5
pooled replicates from one station. Data are log10-transformed to meet the assumptions of
normality.
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Figure 4.4. Relationship between particulate organic matter δ15N from samples collected
1 m above the sediments and Dreissena tissue δ15N in Lake Erie with depth. The line is
derived from an overall regression between deep seston δ15N and Dreissena tissue δ15N.
This trend was not significant (p > 0.05) but suggests that Dreissena δ15N becomes
increasingly decoupled from seston δ15N with increasing depth in the lake.
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Figure 4.5. Conceptual model of microbially mediated nitrogen fluxes in and on
Dreissena. Top panel: Coupled nitrification-denitrification in biofilms attached to
Dreissena results in 14N2 loss and 15N retention. The rate of nitrification to denitrification
decreases with depth, as attached biofilms would contain less photosynthetic algae and
bacteria in low light environments. Greater denitrification rates lead to greater 15N
enrichment with depth. Bottom panel: Denitrification occurring in the anoxic guts of
Dreissena removes 14N2 and retains 15N in the organism. The release of labile organic
compounds by Dreissena fuels the metabolism of microbes attached to their shells.
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Chapter 5: Sediment and Dreissena-associated prokaryotic assemblages in Lake
Erie
Introduction
Expanses of unconsolidated sediments blanket the bottoms of large lakes, acting
as habitat for organisms and repositories of organic matter. Bacteria are abundant in lake
sediments, and the nutrient and redox gradients that occur within sediments structure the
microbial assemblages. Carbon and nutrient cycling in large lakes are primarily driven by
microorganisms, and the diversity of bacteria in lake sediments provide insight on
possible biogeochemical fluxes that occur at the sediment-water interface. In the
Laurentian Great Lakes, deep, open-water environments far exceed the rind of littoral
habitat (Vadeboncoeur et al. 2011). Biogeochemical processes occurring in deep
sediments can fuel nutrient flux that becomes apparent at the surface as algal blooms.
There is a dearth of information on the diversity of microorganisms inhabiting Great
Lakes sediments. Describing the diversity of sediment microorganisms is a critical first
step in understanding the structure and function of benthic zones in the Great Lakes.
Lake Erie is the shallowest and southern-most of the Laurentian Great Lakes. The
lake is separated into three basins, each with distinct physical, chemical and biological
properties (Sly 1976; Chaffin et al. 2013). The Western and Central basins have been
highly altered by inorganic nutrient inputs draining from agricultural watersheds,
resulting in harmful algal blooms (Michalak et al. 2013) and periodic sediment anoxic
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zones (Rucinski et al. 2014, Chaffin et al. 2019), respectively. The Eastern basin has the
greatest mean depth and lowest water column nutrient concentrations, but experiences
nuisance proliferations of filamentous algae in its nearshore waters (Davies and Hecky
2005, Sobiechowska et al. 2010). Physical and chemical gradients select for distinct
planktonic microbial assemblages (Fujimoto et al. 2016), but we have little understanding
of how bacterial assemblages differ along gradients in lake sediments. The few studies
that have characterized sediment bacterial diversity in the Great Lakes have found
metabolic generalists and taxa that are relevant to nitrogen cycling (Lohner et al. 2007,
Bouzat et al. 2013, Bollmann et al. 2014, Small et al. 2016), but investigated sediments
from only a few sites or areas of high anthropogenic disturbance. A spatially extensive
and comprehensive description of the Lake Erie benthic prokaryotic assemblage is
lacking.
The invasion of benthic invertebrates from fresh and brackish waters have greatly
altered benthic habitats in the Great Lakes (Ricciardi 2006). Lake Erie has experienced
successive invasions by zebra (Dreissena polymorpha Pallas) and quagga (Dreissena
rostriformis bugensis Andrusov) mussels (Ricciardi and MacIsaac 2000), which have
become some of the dominant benthic invertebrates in the lake (Burlakova et al. 2018).
Quagga mussels, which can colonize soft sediments (Bially and MacIsaac 2000), have
largely replaced zebra mussels throughout the lower Great Lakes (Wilson et al. 2006,
Karatayev et al. 2014). The shells of Dreissena are novel hard substrate in the expanses
of otherwise soft sediments. Dreissena reach very high densities (> 4,000 individuals/m2;
Karatayev et al. 2020), especially in nearshore waters with high light penetration
(Karatayev et al. 2018). These invasive bivalves therefore create a large area of hard
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substrate for attached organisms, including algae (Makarevich et al. 2008) and other
microorganisms. Dreissena are coupled with the phytoplanktonic cyanobacteria that form
harmful algal blooms by selectively filtering out competing phytoplankton and increasing
fluxes of nitrate that are beneficial to cyanobacteria incapable of nitrogen fixation
(Sarnelle et al. 2005, Bykova et al. 2006). Dreissenid mussels may facilitate benthic
cyanobacteria by increasing light availability at the benthos and excreting reduced forms
of nitrogen (Arnott and Vanni 1996, Francoeur et al. 2017). The shells of Dreissena may
also serve as novel substrate for benthic cyanobacterial growth in the otherwise soft
sediments of the Great Lakes benthic zone.
In addition to altering oxygen and phosphorus flux at the sediment-water interface
and altering benthic biota, Dreissena may alter benthic nitrogen cycling in the Great
Lakes. Dreissena excrete reduced nitrogen (NH4+; Arnott and Vanni 1996) and increase
sediment denitrification (Bruesewitz et al. 2008, 2009). Dreissena-mediated changes to
water column and sediment pore water nutrients shift bacterial abundance and
composition inside Dreissena clusters and in surrounding sediments (Lohner et al. 2007).
Increased nitrate concentrations surrounding Dreissena increase the abundance of
nitrifying taxa in nearby sediments (Lee et al. 2015). Changes to local nutrient
concentrations by Dreissena shift the composition of sediment microbial assemblages
(Lohner et al. 2007, Lee et al. 2015), which may alter microbially mediated benthic
nutrient transformations.
In this study, we used 16S rRNA metabarcoding to explore the diversity of
microbial assemblages in sediments and in biofilms attached to Dreissena in Lake Erie.
We had three goals for this work: 1) to describe the differences in prokaryote
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composition and diversity in sediments and on Dreissena shells, 2) to determine which
bacterial taxa were important classifiers of Lake Erie sediments and Dreissena biofilms,
and 3) to explore the correlation between local environmental factors and microbial
assemblages in sediments and on Dreissena. We sampled along broad spatial and depth
gradients to gain a lake-wide understanding of Lake Erie benthic microbes. We were
keenly interested in exploring the diversity of microbes relevant to nitrogen cycling in the
lake, including nitrifying and denitrifying bacteria, and cyanobacteria. We hypothesized
that there would be distinct microbial assemblages living in sediments and on Dreissena
shells irrespective of sampling location. This study is a first step in describing the benthic
prokaryotic diversity in Lake Erie, to inform future studies that explore benthic
biogeochemical cycling.
Materials and Methods
Sampling sites and approach
We measured the prokaryotic assemblages growing on sediments and attached to
Dreissena mussel shells across broad depth gradients in Lake Erie. We sampled during
the Cooperative Science and Monitoring Initiative (CSMI) lake-wide cruise of the United
States Environmental Protection Agency research vessel Lake Guardian in July 2019. We
collected mussels and sediment core samples by subsampling benthic Ponar grabs
deployed to collect macroinvertebrates (Karatayev et al. 2020). In total, we analyzed
Dreissena samples for seven sites and sediment samples from 23 sites along a 30 m depth
gradient across the lake.
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Light and water chemistry
At each site, water chemistry data were measured 1 m above the lake bottom
using a Sea-Bird multi-parameter profiler and sensors. These included temperature,
dissolved oxygen (mg/L), conductivity (S/m2), beam transmittance and relative
fluorescence units. The sampling procedure and methods are described in the U.S. EPA
GLNPO Great Lakes Water Quality Surveys Quality Assurance Project Plan (QAPP,
2010). Surface and submersible PAR sensors attached to the profiler collected light
measurements during daytime casts. We used PAR data to calculate the light attenuation
coefficient Kd (Kirk 2011). At sites where we were unable to calculate Kd owing to night
time collection, we used the R (version 4.0.2; R Core Team 2020) packages sp (Bivand et
al. 2013) and rgeos (Bivand and Rundel 2020) to match to the nearest neighboring site
(based on GPS coordinates) with a calculated Kd value.
Sediment sampling
Sediment samples were collected using Ponar grabs (sampling area 0.0523 m2)
that were drained to maintain the structural integrity of the sediment. We collected three
samples of the top 0.5 mm of surficial sediments using a sterile spatula (n = 3;
approximately 1 g sediment each). If Dreissena were present in Ponar grabs, we rinsed
their shells of sediment with MilliQ water and then scraped the biofilms attached to the
shells (n = 3 mussels per site) using a sterile razor blade. Biofilm samples were stored in
sterile vials at –20C and then buffered in DNA Shield (Zymo Research, Irvine, CA).
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DNA extraction
DNA was extracted from 0.25 g of sediment and between 0.15 and 0.25 g
Dreissena biofilm using the DNeasy PowerSoil Kit (Qiagen, Hilden, Germany) following
the manufacturer’s instructions. Negative extraction controls were included every 24th
sample. DNA extractions, polymerase chain reaction, and high throughput sequencing
(see below) were carried out at Cawthron Institute.
Polymerase chain reaction and high throughput sequencing
Polymerase Chain Reaction (PCR) methodologies closely follow Pearman et al.
(2020). The V3-V4 regions of the bacterial 16S rRNA gene were amplified by PCR,
using the bacterial-specific primers 341F: 5’ -CCT ACG GGN GGC WGC AG-3’ and
805R: 5’ -GAC TAC HVG GGT ATC TAA TCC-3’ (see Pearman et al. 2020a, 2020b).
The primers were modified to include Illumina overhang adaptors following the dualindexing method (Kozich et al. 2013). PCR reactions were performed in 20 μL volumes
in triplicate for each sample with the reaction mixture containing 10 μL of MiFi 2 × PCR
mastermix, 2 μM of each primer and 2 μL of template DNA. The reaction mixture was
held at 94°C for 1 min followed by 30 cycles of 95° C for 15 s, 52° C for 15 s, 72° C for
15 s, with a final extension step at 72° C for 7 min. We included negative PCR and
negative extraction controls. The triplicate PCR products were pooled, cleaned, and
normalized using SequalPrep Normalization plates (ThermoFisher Scientific, Waltham,
USA), resulting in a concentration of ∼1 ng/μL. Samples were sent to Auckland
Genomics Facility for sequencing on an Illumina Miseq platform.
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Bioinformatics
Bioinformatics were completed using the dada2 package (Callahan et al. 2016)
within R (R Team 2018). Raw reads were counted by summing the number of reads in
which the primer sequences were found. Primers were removed from the raw reads using
“cutadapt” with 1 mismatch allowed (Martin 2011). Reads were truncated to 230 bp
(forward reads) and 228 bp (reverse reads) and filtered with a maximum number of
‘expected errors’ (“maxEE”) threshold of two (forward reads) and four (reverse reads)
using the function “filterAndTrim”. Reads not matching these criteria were discarded
from further analysis. We dereplicated sequences using “strsplit” and then used the
function “learnErrors” to determine the error rates of both forward and reverse reads.
Singletons were discarded and remaining paired-end reads were merged with a maximum
mismatch of 1 bp and a required minimum overlap of 10 bp using function “mergePairs”.
The function “removeBimeraDenovo” was used to remove chimeric sequences.
The resulting chimera checked Amplicon Sequence Variants (ASVs) were used
for taxonomic classification against the SILVA 132 (Pruesse et al. 2007). The results
were combined into a phyloseq object (McMurdie and Holmes 2013) and sequences
assigned as microeukaryotes, chloroplasts and mitochondria were removed. Negative
controls were assessed and read numbers for ASVs found in the negative blanks were
removed via subtraction.
For comparisons between samples, subsampling to an even depth was undertaken
for each sample at a depth of 5,000 reads. We calculated the proportional abundance of
each ASV in a sample for subsequent analyses using the function
“transform_sample_counts”. We set a prevalence threshold of 0.01% in a sample for an
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ASV to be included. We subset our data into four groupings using the “subset_taxa”
function: the complete set of all prokaryotes (“prokaryotes”), putative nitrifying
microorganisms (“nitrifiers”), putative denitrifying microorganisms (“denitrifiers”), and
all cyanobacteria (“cyanobacteria”). The nitrifiers data set included the ammonia
oxidizing families Nitrosococcaceae and Nitrosomonadaceae, and the nitrite oxidizing
family Nitrospiraceae. The denitrifiers data set included three genera from the family
Rhodobacteraceae: Defluviimonas, Pseudorhodobacter and Rhodobacter. The
cyanobacteria data set included all organisms in the phylum Cyanobacteria, including the
non-photosynthetic classes Sericytochromatia and Vampirivibrionia.
Statistical analyses
The prokaryotic richness at each site was calculated as the average of the three
replicates. Significant differences in Chao1 richness (number of ASVs per site and
substrate) were calculated using one-way ANOVA with either substrate or lake basin as a
factor. To assess whether there was a statistical difference in the structure of prokaryotic
communities between sediments and Dreissena biofilms, “adonis” (one factor: substrate;
with two levels) calculations were undertaken based on Jaccard and Bray Curtis distance
matrices in the R package vegan (Oksanen et al. 2007). Principal Coordinate Analysis
was plotted in ggplot2 (Wickham 2016).
We determined the mean percentage abundance of nitrifying and denitrifying
bacteria from each substrate and station. We used MANOVA (car package; Fox and
Weisberg 2018) to determine if the abundance of the three nitrifying families
(Nitrosococcaceae, Nitrosomonadaceae, Nitrospiraceae) differed between Dreissena and
sediments. We used the function “summary.aov” to determine which groups differed
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between substrates. We ran similar MANOVA models for denitrifying bacteria, by
testing percent abundance of Defluviimonas, Pseudorhodobacter, and Rhodobacter
against the substrates, with pairwise comparisons using the function “summary.aov”.
We determined the most abundant cyanobacterial genera on sediments and in
Dreissena biofilms and found the average percentage abundance of each cyanobacterial
genus by computing the mean of triplicate samples from each station and substrate. We
used a t-test to determine if there was a difference in cyanobacterial abundance between
sediments and Dreissena biofilms. One of our goals was to determine differences in the
typical habitat (benthic, planktonic) and morphotype (coccoid, filamentous) of
cyanobacteria found on the different substrates. However, these ecological properties are
difficult to assign at levels of taxonomy greater than the genus level. Therefore, we
created a new data set that excluded all cyanobacteria that were not resolved to genus.
We assigned a habitat type (benthic, planktonic, or variable) to each genus based on
autecology described in Wehr et al. (2015). We conservatively assigned genera that occur
in both habitats as “variable”. We assigned a morphology (coccoid or filamentous) to
each genus using Wehr et al. (2015). We tested for differences in cyanobacterial
abundance between sediments and Dreissena biofilms using one-way ANOVA. We
tested for differences in abundance of cyanobacteria of different morphologies (coccoid
or filamentous) using MANOVA with substrate (sediment or Dreissena biofilm) as a
factor. Similarly, we tested for differences in abundance of habitat type (benthic,
planktonic, variable) of cyanobacteria on the different substrates using MANOVA.
Pairwise comparisons using the function “summary.aov” were used to determine which
groups significantly differed from one another.

142

We agglomerated the full, rarefied dataset of ASVs to the level of family and
determined the number of ASVs and the relative proportion of reads for each family in
sediments and Dreissena biofilms across the three basins of the lake. We performed a
random forest classification analysis at using the relative proportions of prokaryotic
families with the randomForest package (Liaw and Wiener 2002). We scaled our
samples by computing Z-scores from abundances for the 388 families. Our classification
model ran 1,001 trees and used either sediment or Dreissena biofilm as classification
bins. To account for the imbalance in sample sizes between sediments and Dreissena
biofilms (approximately 3:1), we set the function “randomForest” to draw equal sample
sizes from the substrates using the “sampsize” option. We trained our model (using the
package caret; Kuhn 2020) on 23 samples (27% of our data) and classified the remaining
60 samples. We selected the most important features (prokaryotic families) for correctly
assigning samples to the correct bin (sediment or Dreissena biofilm) using mean decrease
in model accuracy (MDA) and mean Gini Decrease values.
We determined which environmental variables explained the greatest variance in
the assemblages of bacterial families using the “bioenv” function in the package vegan.
We excluded very rare families from the data set by removing families that did not
achieve ≥ 1% relative abundance in at least 10% of samples. Spearman’s Rank
correlations were used to test relationships between the proportional abundances of
prokaryotic families and significant environmental variables (from “bioenv” analysis),
with p-values adjusted using the Benjamini–Hochberg procedure.
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Results
Structure and composition
The number of ASV reads in our raw data set ranged from 1,651– 69,937 per
sample. Seven sediment samples were excluded from the data set after rarefying to 5,000
reads. In total, we analyzed triplicate Dreissena shell biofilms from seven stations and
triplicate sediment samples from 23 stations. The rarefied data set contained a total of
41,817 prokaryotic ASVs from 64 phyla and 2,346 unique ASVs. The average ASV
richness was 1,415 ± 99 (mean±SE Chao1) for Dreissena shell biofilms and 2,261 ± 78.5
for sediments (Figure 5.1). ASV richness was significantly greater in sediments than on
Dreissena (F1,79 = 34.02, p <0.001) and was not different among the basins of the lake
(F2,79 = 2.10, p = 0.13). However, we had unequal sampling across lake basins, and had
replicate data from Dreissena at only one station in both the Western and Central basins.
Comamonadaceae were the dominant family in terms of richness (number of
ASVs) and as relative proportion of reads in sediments (mean ± sd: 15.4 ± 5.0% of reads
across all sediment samples), followed by Pedosphaeraceae (14.8 ± 3.6%) and
Nitrosomonadaceae (11.1 ± 3.3%; Figure 5.2). Pedosphaeraceae was the most abundant
family of sediment prokaryotes in the Western (19.1 ± 5.8%) and Central (14.5 ± 2.3%)
basins, while Comamonadaceae were the most abundant sediment prokaryotes in the
Eastern Basin (17.8 ± 5.7%). Comamonadaceae were the dominant family in Dreissena
shell biofilms, comprising a mean abundance of 28.1 ± 9.8% of reads among all
Dreissena samples. Xanthomonadaceae comprised 18.3 ± 10.8% and
Sphingomonadaceae comprised 14.5 ± 6.6% of samples collected from Dreissena (Figure
2). Comamonadaceae were the most abundant family in Dreissena shell biofilms,
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comprising 40.2 ± 12.8%, 33.4 ± 9.7% and 24.6 ± 7.1% of reads in samples from the
Western, Central and Eastern basins, respectively.
Principal Coordinate Analysis indicated that there was a difference in the
prokaryotic community structure between sediments and Dreissena biofilms (Figure 5.3).
There was separation among sediment samples from different lake basins, but little
separation among Dreissena samples from different basins. Multivariate analysis showed
a significant difference in composition between sediment and Dreissena biofilm samples
(Jaccard: F1,82 = 9.45, p = 0.001). We also observed differences between the relative
abundances of microorganisms found on sediments and Dreissena biofilms (Bray-Curtis:
F1,82 = 17.39, p < 0.001).
Subsetting cyanobacteria from the full rarefied dataset left 2,474 reads.
Cyanobacteria were found in all Dreissena and sediment samples. The most abundant
cyanobacterial genera on sediments were Aphanizomenon and Gloeocapsa, while
Chamaesiphon and Tychonema were the most abundant cyanobacterial taxa on Dreissena
shells. There was a significantly greater abundance of cyanobacteria on Dreissena than
on sediments (F1,27 = 11.83, p = 0.001). However, many taxa on both sediments and on
Dreissena shells that could not be resolved to genus. These included members of the
Cyanobacteriaceae, Cyanobiaceae, Leptolyngbyaceae, Microcystaceae, Nostocaceae,
Obscuribacteraceae, Phormidiaceae, Pseudanabaenaceae and Xenococcaceae. After
removing cyanobacterial taxa that were not resolved at the genus level, the data set
contained 728 reads from 29 genera. There were no differences in mean abundance of
coccoid and filamentous cyanobacteria on sediments and Dreissena shells in this genuslevel dataset. However, there were differences in cyanobacteria abundance based on the
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habitat they typically occur in (Pillai’s Trace = 0.35, F3,24 = 4.24, p = 0.02). There were
significantly greater abundances of planktonic cyanobacteria on sediments than on
Dreissena (p = 0.02; Figure 5.4). Greater abundances of benthic cyanobacteria occurred
on Dreissena than on sediments, but this trend was not significant (p = 0.05).
Subsetting the ammonium and nitrite oxidizing families Nitrosococcaceae,
Nitrosomonadaceae, and Nitrospiraceae left 4,101 reads. Nitrospiraceae (which includes
only the genus Nitrospira) was the most abundant of these families on both Dreissena
shells and sediments, followed by Nitrosomonadaceae and Nitrosococcaceae. There were
significant differences in abundances of these families on sediments and Dreissena shells
(Pillai’s Trace = 0.65, F674 = 5.87, p < 0.001; Figure 5.5). Abundance of Nitrospiraceae (p
< 0.001) and Nitrosomonodaceae (p = 0.04) were significantly greater on Dreissena than
on sediments.
The three putative denitrifying genera from the Rhodobacteraceae
(Defluviimonas, Pseudorhodobacter, Rhodobacter) were present in all 21 Dreissena
samples, and present in 66 of the 69 sediment samples. There were 501 total reads of the
denitrifying genera among all samples. There were significant differences in the
abundances of these genera (Pillai’s Trace = 0.85, F3,20 = 38.09, p < 0.001; Figure 5.6)
between Dreissena shells and sediments. Defluviimonas (p = 0.011), Pseudorhodobacter
(p < 0.001), and Rhodobacter (p < 0.001) were all significantly more abundant on
Dreissena than on sediments.
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Indicator taxa
Random forest revealed that Rhodobacteraceae was the most important
prokaryotic family for correct classification of samples as either sediment or Dreissena
based on mean decrease in accuracy and mean Gini decrease. The prokaryotic families
SC-I-84, Intrasporangiaceae and Pedosphaeraceae were also important for substrate
classification (Table 5.1). The out-of-bag error estimate for substrate classification was
2.41%, while model accuracy was 0.976 and Kappa was 0.934.
Relationship to environmental variables
Bioenv analysis revealed six variables explained the most variability in the
prokaryotic assemblages. Five of the six significant environmental variables (sediment
C:N, average sediment chlorophyll a, percent moisture, total sediment N and total
sediment P) are sediment characteristics from the site, while dissolved oxygen of the
water 1 m above the sediments was the only significant water column variable. As such,
results pertaining to samples from Dreissena mussels, which may not interact with the
sediments at a site directly, must be examined with care.
After abundance-based filtering (≥ 1% relative abundance in at least 10% of
samples), 14 bacterial families were investigated against the significant environmental
variables (Figure 5.7). In general, sediment bacterial familial diversity decreased was
sediment chlorophyll a and dissolved oxygen above the sediments decreased. The family
level taxonomic composition of sediments varied along gradients of sediment
composition, however. For example, Xanthomonadaceae, Sphingomonadaceae,
Flavobacteriaceae, Comamonadaceae and Chitinophagaceae in sediments were all
negatively correlated with sediment total N, while sediment Anaerolineaceae were
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strongly and positively correlated with sediment total N. Bacterial families on Dreissena
shells were sometimes correlated differently with environmental metrics than the same
family on sediments. Anaerolineaceae on Dreissena were strongly and negatively
correlated with precent moisture and total nitrogen content of the sediments, while
Anaerolineaceae on sediments were strongly and positively correlated to those variables.
Discussion
Our analysis revealed distinct prokaryotic assemblages in Lake Erie sediments
and growing on the shells of Dreissena mussels. The combined data set (both sediment
and Dreissena samples) contained 2,346 prokaryote ASVs from 64 phyla. We chose to
resolve our sequences to ASVs, which infer that small (single or few base pair) sequence
differences are real, and do not cluster sequences by a percent similarity threshold
(Callahan et al. 2017). Therefore, a direct comparison with studies that report clustering
methods (operational taxonomic units or phylotypes) is not possible. There is a dearth of
information on prokaryotic assemblages in the Great Lakes, and few report diversity as
ASVs. Libraries of Great Lakes bacterioplankton have described 6,360 oligotypes (Paver
et al. 2020), and an assessment of Great Lakes sediment bacteria yielded 38,000
operational taxonomic units across four of the five lakes (Small et al. 2016). Only 34
OTUs represented ≥1% of prokaryotic reads at any site, however (Small et al. 2016). An
early assessment of Lake Erie sediment bacteria from the anoxic zone of the Central
Basin yielded 435 16S rDNA sequences (Bouzat et al. 2013). While no studies in the
Great Lakes have explored the diversity of prokaryotes on Dreissena shell biofilm
microbes specifically, Dreissena guts, gills and mantle fluid have been found to contain
355 phylotypes (Winters et al. 2011), and up to 501 aerobic anoxygenic phototrophs
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(Kuzyk et al. 2020). Our library of >2,300 prokaryotic ASVs contribute to the growing
literature describing abundant and diverse benthic prokaryotes in the Great Lakes and
suggest that Dreissena harbor greater abundances of taxa relevant to microbial nitrogen
cycling than surrounding sediments.
Prokaryotic structure of sediments and Dreissena
The bacterial families that were most abundant on sediments (Comamonadaceae
and Nitrosomonadaceae) are diverse and commonly found in aquatic environments,
including the Great Lakes (Lee et al. 2015) and in decomposing filamentous algae (Chun
et al. 2017). Pedosphaeraceae werealso abundant in sediments in our survey. The family
Pedosphaeraceae is poorly characterized, but members have been found in agricultural
soils (Liu et al. 2019) and freshwater and marine sediments (Zhang et al. 2019, Farkas et
al. 2020). Comamonadaceae and Nitrosomonadaceae were also abundant in Dreissena
biofilms, as were Xanthomonadaceae and Sphingomonadaceae. In lakes,
Xanthomonodaceae have been described in the plankton and sediments (Nercessian et al.
2005, Kojima et al. 2014). This family is primarily known to complete aerobic
respiration, but some strains have shown the ability to reduce nitrate (Kojima et al. 2014).
Sphingomonodaeae are found abundantly in lakes (Gich et al. 2005, Glaeser and Kämpfer
2014), including in Microcystis blooms (Maruyama et al. 2006) and in the phycosphere
(Eigemann et al. 2013). Benthic Sphingomonodaceae have been described near
hydrothermal vents in the Bol’shoi River, Russia (Yurkov et al. 1997). These common
Lake Erie microbes are therefore a mix of benthic and planktonic prokaryotes that
contribute to carbon and nitrogen cycling.
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Local characteristics determined the structure of benthic bacterial assemblages in
Lake Erie. Temperature, light availability and oxidized nitrogen concentrations are highly
correlated with bacterioplankton abundance in the Great Lakes (Paver et al. 2020).
Similarly, we found that sediment characteristics, including inorganic nutrient content,
structured the sediment and Dreissena bacterial composition in Lake Erie. We found
differences in the abundances of bacterial families on sediment and Dreissena biofilms
among the three basins of Lake Erie. Light availability and water chemistry differ among
the Lake Erie basins (Makarewicz et al. 2000, Chaffin et al. 2013). The environmental
variables that best explained prokaryotic family abundance were descriptors of local
sediment characteristics. Sediment nitrogen concentrations were significantly and
negatively related to the abundance of five bacterial families found in sediments, while
only Anaerolineaceae in sediments were positively associated with sediment nitrogen.
Anerolineaceae are best described from deep marine sediments (Sinkko et al. 2013) and
Great Lakes hypolimnia (Paver et al. 2020), consist primarily of anaerobic fermenters
(Yamada et al. 2005) and are often found in eutrophic sediments, which is consistent with
our findings. Interestingly, Anaerolineaceae found on Dreissena were strongly and
negatively associated with sediment nitrogen, which may suggest that Dreissena and its
associated microbiota are affecting sediment nitrogen. Differences in patterns of bacterial
abundance on sediments and Dreissena may arise from habitat structure. Dreissena grow
in complex clusters above the sediments and these clusters may include anoxic
microzones and N hotspots where mussels excrete or where pseudofeces accumulate.
Sediment nutrient concentrations may not accurately reflect nutrient concentrations
experienced by microbes attached to the mussels.
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Substrate was useful in predicting Lake Erie benthic microbiota. Several bacterial
families with possible biogeochemical functions were important predictors of sediments
and Dreissena. Rhodobacteraceae was the most important classifier, and members of this
family include photosynthetic bacteria and those capable of denitrification (Pujalte et al.
2014). Nitrosomonadaceae contains taxa capable of ammonia oxidation (Prosser et al.
2014), the first step in nitrification. Other families important for classification include
those found in anaerobic environments (Anaerolineaceae, Nocardiodaceae,
Sutterellaceae; Yamada et al. 2005, Sinkko et al. 2013), wastewater sludge
(Weeksellaceae; Fernandes et al. 2019), and eutrophic lake and estuarine sediments (SCI-84; Zhang et al. 2019, 2020). Both sediments and Dreissena contained members of
these families, so classification accounted for differences in relative abundance of the
taxa on each substrate. These results suggest that sediments and Dreissena likely have
differences in the genera or species from these families that drives the overall differences
between them.
Cyanobacteria on sediments and Dreissena
While assessments of cyanobacteria in lakes emphasize bloom-forming
phytoplankton, diverse assemblages of cyanobacteria persist on the bottoms of most
lakes. However, cyanobacteria accounted for a small percentage of the prokaryotic taxa
we found (always ≤ 0.3% relative abundance for sediments and ≤ 0.2% for Dreissena).
We found a greater abundance of cyanobacteria on Dreissena than on sediments, but a
large portion of this comparison was with sequences that were resolved to the order or
family level. We chose to explore patterns in cyanobacteria based on morphology and
habitat preferences. We only included sequences that were resolved to genus to make
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those assessments, which reduced our data set by 71%. Five genera of planktonic
cyanobacteria (Aphanizomenon, Cyanobium, Microcystis, Snowella, Synechocystis) were
found on Dreissena, and their appearance may be the result of ejection during selective
feeding (Naddafi et al. 2007, Tang et al. 2014) and subsequent incorporation into shell
biofilms. The planktonic cyanobacteria found on Dreissena were more abundant on
sediments. Dolichospermum (formerly Anabaena) is a typical component of summertime
phytoplankton in the Central and Eastern basins (Allinger and Reavie 2013) and was
found only on sediments. Planktothrix was found exclusively in sediments. This
cyanobacterium reaches nuisance abundance in Lake Erie’s eutrophic Sandusky Bay
(Davis et al. 2015), but is not widely distributed throughout the rest of the lake. Some of
these taxa, such as Microcystis, might also function as meroplankton, persisting in the
sediments and seeding the water column after turnover events (Schelske et al. 1995,
Brunberg and Blomqvist 2002, Ihle et al. 2005).
Invasion of the Great Lakes by Dreissena has increased benthic hard substrate
availability which, coupled with increased light and nutrients from filter feeding, should
offer new benthic habitat for autotrophs, including cyanobacteria. Filamentous
cyanobacterial biomass increases in proximity to Dreissena (Duggan and Francoeur
2007, Armenio et al. 2015), especially in low light environments like the depositional
sediments we sampled in Lake Erie. We found mostly filamentous planktonic
cyanobacteria on sediments and filamentous benthic cyanobacteria on Dreissena. Several
of the planktonic taxa found on sediments were diazotrophic (capable of nitrogen
fixation), including Aphanizomenon and Dolichospermum. Interestingly, we found the
benthic nitrogen-fixing cyanobacterium Calothrix on sediments and Dreissena, even
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though live Dreissena are sources of inorganic nitrogen (Arnott and Vanni 1996) and
Lake Erie sediments are replete with bioavailable nitrogen (Pennuto et al. 2014).
Nitrogen fixation has been reported as a significant component of holobiont nitrogen flux
on Dreissena in a European lagoon, accounting for up to 37% of the denitrification rate
(Marzocchi et al. 2021). The nutrient dynamics occurring in the microscopic, yet
structurally complex, biofilms on animals warrant greater study, as cryptic recycling of
nutrients on sediments and animals with large surface areas could profoundly influence
whole-lake benthic nutrient balance.
The cyanobacteria we describe on Dreissena and sediments contribute to an
oxygenated benthic zone and may influence trophic ecology and the assemblages of other
prokaryotes we find in the Lake Erie benthic zone. The biofilms that grow on Dreissena
support eukaryotic algae, but cyanobacteria are often a large component of the
assemblage (Makarevich et al. 2008; and see Chapter 3). Benthic cyanobacterial mats
support nutritious epiphytes and invertebrates that are important components of Great
Lakes food webs (Duggan and Francoeur 2007, Hudon et al. 2014). The expansion of
quagga mussels into the deep littoral zone might expand the depths at which benthic
filamentous cyanobacteria and their associated epiphytes can persist in Lake Erie.
However, the presence of some of the cyanobacteria we describe may have negative
impacts on food webs and public health. Several of the planktonic (Dolichospermum,
Microcystis, Planktothrix) and benthic cyanobacterial genera (Leptolyngbya,
Lyngbya/Microseira, Phormidium; Quiblier et al. 2013) present on sediments and
Dreissena are known to produce toxins. The cyanobacteria inhabiting the shells of
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Dreissena and the sediments of Lake Erie may have important ramifications to the
ecology of the lake and deserve further investigation.
Biogeochemically relevant taxa on sediments and Dreissena
Bacterial families with members critical to the biogeochemical nitrogen cycle
were found in sediments and in Dreissena biofilms, and putative nitrite-oxidizers were
more abundant in Dreissena biofilms. Nitrification is a two-step process catalyzed by
ammonia-oxidizing bacteria (AOB) or archaea and nitrite-oxidizing bacteria (NOB).
Previous assessments of Lake Erie sediments described up to 40 AOB OTUs, which were
dominated by Nitrosomonas and Nitrosospira-like microbes (Bollmann et al. 2014).
Nitrospiraceae was the most abundant family of nitrifying bacteria on sediments and in
Dreissena biofilms in our study, and the genus Nitrospira was the only representative
from this family in our samples. Nitrospira are chemolithoautotrophic aerobic nitritereducing bacteria (Daims 2014), and taxa within this genus are capable of complete
ammonia oxidation (comammox; Daims et al. 2015). The ammonia-oxidizing families
Nitrosococcaceae and Nitrosomonadaceae were equally abundant between sediments and
Dreissena. Ammonia-oxidizers are strictly aerobic chemolithoautotrophs and are
frequently found in aquatic biofilms and oxic sediments (Risgaard-Petersen et al. 2004,
Herrmann et al. 2011, Lu et al. 2019). In wastewater biofilms, nitrifying bacteria are
stratified, with ammonia-oxidizers most active near the surface of biofilms and nitriteoxidizers located below this zone, in the inner portions or the basal layer of the biofilm
(Okabe et al. 1999). Reduced nitrogen excreted by Dreissena might fuel the metabolism
of AOB on their shells and in surrounding sediments. In turn, ammonia oxidation could
then stimulate NOB in these environments (Figure 5.8).
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Biological denitrification is the major pathway for nitrogen removal in aquatic
environments by using nitrogen compounds as electron acceptors for energy production
(Zumft 1997, Seitzinger et al. 2006). Denitrification is an anaerobic process, because
expression of critical enzymes (nir and nor) require low oxygen (Zumft 1997, Baek and
Shapleigh 2005). Putative denitrifiers, like Rhodobacter, were more abundant on
Dreissena than in sediments, which suggests that Dreissena are hotspots for
denitrification in the Lake Erie benthos. However, bacteria that perform denitrification
are typically facultative anaerobes and will use oxygen rather than nitrate as an electron
acceptor if it is available. Therefore, the environment that bacteria capable of
denitrification occur in will determine their metabolism and contribution to
biogeochemical cycling. Anoxic basal layers can form in mixed algal-bacterial biofilms
(Paerl and Pinckney 1996, Teissier et al. 2007), making it possible for denitrifying
bacteria to process nitrate rather than oxygen. Nitrous oxide production, the penultimate
step in denitrification, has been measured from biofilms on Dreissena polymorpha
(Heisterkamp et al. 2013) and marine bivalves (Arfken et al. 2017, Ray et al. 2019). If
denitrifying taxa in Dreissena biofilms are in oxygen-rich environments, they will
perform aerobic respiration and release carbon dioxide that can act as an electron donor
for chemoautotrophic nitrifiers (Figure 8). While we do not have functional data to
quantify the rates or processes occurring within Dreissena biofilms, the assemblages we
find in them suggest that they are areas of nitrogen oxidation and possibly nitrogen
removal.
Lake sediments are often the sites of rapid denitrification because of their discrete
oxygen and redox gradients. In the Great Lakes, denitrification is greatest in Lake Erie
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sediments (particularly in the Western Basin; Small et al. 2014, 2016, Boedecker et al.
2020) and is stimulated by additions of organic matter and nitrate (Small et al. 2016).
Dreissena indirectly stimulate sediment denitrification through organic matter deposition
and release of labile inorganic nutrients (Bruesewitz et al. 2006, 2008, Benelli et al.
2019). While no studies in the Great Lakes have measured direct or indirect
denitrification in relation to Dreissena, it seems likely that benthic denitrification would
be stimulated by Dreissena. Given the increased abundance of putative denitrifiers on
Dreissena compared with sediments in Lake Erie, mussel shells appear to have greater
denitrification potential than sediments.
Conclusions
We characterized distinct microbial communities living in Lake Erie sediments
and biofilms attached to Dreissena mussels. These are the first assessments of microbial
biofilms on Dreissena in the Great Lakes and the most spatially extensive exploration of
Lake Erie sediment microbes. The bacterial assemblages on sediments and Dreissena are
rich with biogeochemically relevant taxa. However, functional data, such as nutrient flux
measurements or transcriptomic data, are necessary to confirm the suspected activities of
these benthic microbes. Future studies should carefully explore the potential of Dreissena
to alter nitrogen transformations in the Great Lakes through targeted quantification of
nitrogen fixation, nitrification and denitrification on live Dreissena and their dissected
shells. Given the vast area of lake bottom that Dreissena occupy in the lower Great
Lakes, nitrogen fluxes mediated inside or on the shells of these bivalves would have
profound implications for the nitrogen budgets of these large aquatic ecosystems.
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Table 5.1. Important bacterial families for classfying samples as Dreissena or sediment. Rank order is based on mean decrease in Gini
for the family based on random forest analysis.

Kingdom
Bacteria
Bacteria
Bacteria
Bacteria
Bacteria
Bacteria
Bacteria
Bacteria
Bacteria
Bacteria

Phylum

Class

Order

Family

Proteobacteria
Alphaproteobacteria
Rhodobacterales
Rhodobacteraceae
Proteobacteria
Gammaproteobacteria
Burkholderiales
SC-I-84
Actinobacteriota
Actinobacteria
Micrococcales
Intrasporangiaceae
Verrucomicrobiota
Verrucomicrobiae
Pedosphaerales
Pedosphaeraceae
Proteobacteria
Gammaproteobacteria
Burkholderiales
Sutterellaceae
Actinobacteriota
Actinobacteria
Kineosporiales
Kineosporiaceae
Chloroflexi
Anaerolineae
Anaerolineales
Anaerolineaceae
Actinobacteriota
Actinobacteria
Propionibacteriales
Nocardioidaceae
Bacteroidota
Bacteroidia
Flavobacteriales
Weeksellaceae
Proteobacteria
Gammaproteobacteria
Burkholderiales
Nitrosomonadaceae
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Rank

Mean Decrease
Accuracy

1
2
3
4
5
7
8
6
10
9

0.024016797
0.018422447
0.015075656
0.014857245
0.01209429
0.010608371
0.009813876
0.011170898
0.009611795
0.009782047

Mean
Decrease
Gini
1.8413358
1.4211835
1.3134967
1.1256899
1.07726
1.0627338
1.0462935
1.0215524
0.9447503
0.8235874

Figure 5.1. Richness of Lake Erie Dreissena biofilm and sediment prokaryotic
assemblages. ASV richness was significantly greater in sediments than on Dreissena
(F1,79 = 34.02, p <0.001) and was not different among the basins of the lake (F2,79 = 2.10,
p = 0.13).
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Figure 5.2. The fifteen most abundant prokaryotic families on Lake Erie sediments and
Dreissena shell biofilms. Error bars represent means ± sd.
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Figure 5.3. Principal Coordinate Analysis (Bray-Curtis distance) of Lake Erie sediments
and Dreissena biofilm prokaryotes. Each symbol represents one sample, with black
shapes indicating sediment and grey shapes indicating Dreissena shell biofilms. Closed
circles are samples collected from the Western basin, open circles are samples collected
from the Central basin and closed triangles are samples collected from the Eastern basin.
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Figure 5.4. Abundance of cyanobacterial genera on Lake Erie sediments and Dreissena
biofilms. Bars represent the mean abundance of different genera among all samples from
each substrate. Benthic cyanobacteria were more abundant than planktonic cyanobacteria
on Dreissena shells, but sediments had no differences in the abundance of benthic,
planktonic, or variable cyanobacteria.
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Figure 5.5. Abundance of bacterial families relevant to nitrification on Lake Erie
sediments and Dreissena biofilms. The thick horizontal lines represent median values
and boxes represent interquartile ranges (25-75% percentiles). Whiskers show the range
of the data, while solid points represent outlier data points (1.5x interquartile range).
There was a significantly greater abundance of the family Nitrospiraceae (p < 0.001) and
the family Nitrosomonadaceae (p < 0.05) on Dreissena shells compared to sediments.
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Figure 5.6. Abundance of three bacterial genera relevant to denitrification on Lake Erie
sediments and Dreissena biofilms. The thick horizontal lines represent median values and
boxes represent interquartile ranges (25-75% percentiles). Whiskers show the range of
the data, while solid points represent outlier data points (1.5x interquartile range). There
was a significantly greater abundances of Defluviimonas (p < 0.05), Pseudorhodobacter
(p < 0.001) and Rhodobacter (p < 0.001) on Dreissena shells compared to sediments.
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Figure 5.7. Spearman Rank Correlation heatmap of the 15 most abundant bacterial
families against six significant environmental variables. Environmental variables were
significant for predicting bacterial abundance using bioenv analysis. Grey colors reflect a
negative correlation between the abundance of a bacterial family and an environmental
variable while green colors represent a positive relationship. Shell icons represent
correlations of the families from Dreissena samples, while S indicates correlations of the
families from sediment samples. Asterisks represent a significant correlation, with * ≤
0.05, ** ≤ 0.01 and *** ≤ 0.001.
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Figure 5.8. Conceptual model of substrate use within Dreissena or sediment biofilms.
Lighter background colors represent oxic areas of the mixed biofilm, while dark
background colors represent suboxic or anoxic microenvironments. The stratification of
oxygen and ammonium in the biofilm determine the dominant metabolic pathways that
occur. 1) Photoautotrophs perform photosynthesis in the surficial, well-lit areas of the
biofilm. 2) Nitrifiers perform heterotrophic nitrification or chemoautotrophic nitrification
using oxygen or carbon dioxide as electron acceptors, respectively. Oxygen produced
through photosynthesis may support heterotrophic nitrification while respiration may
support chemoautotrophic nitrification. 3) Denitrifiers that are in oxic environments
cannot complete denitrification and instead use oxygen as an electron acceptor in aerobic
respiration. Carbon dioxide produced by these denitrifiers can fuel chemoautotrophic
nitrification by other microbes. 4) In anoxic areas, denitrifiers complete denitrification
using nitrate as an electron acceptor.
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